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Preparing a Community Hospital to
Manage Work-related Exposures to
Infectious Agents in BioSafety
Level 3 and 4 Laboratories

George F. Risi, Marshall E. Bloom, Nancy P. Hoe, Thomas Arminio, Paul Carlson, Tamara Powers,
Heinz Feldmann, and Deborah Wilson

Construction of new BioSafety Level (BSL) 3 and 4 lab-
oratories has raised concerns regarding provision of care
to exposed workers because of healthcare worker (HCW)
unfamiliarity with precautions required. When the National
Institutes of Health began construction of a new BSL-4 labo-
ratory in Hamilton, Montana, USA, in 2005, they contracted
with St. Patrick Hospital in Missoula, Montana, for care of
those exposed. A care and isolation unit is described. We
developed a training program for HCWs that emphasized
the optimal use of barrier precautions and used pathogen-
specific modules and simulations with mannequins and
fluorescent liquids that represented infectious body fluids.
The facility and training led to increased willingness among
HCWs to care for patients with all types of communicable
diseases. This model may be useful for other hospitals,
whether they support a BSL-4 facility, are in the proximity of
a BSL-3 facility, or are interested in upgrading their facilities
to prepare for exotic and novel infectious diseases.

Over the past decade, biomedical research performed on
agents of viral hemorrhagic fevers (VHFs) has sub-
stantially increased. These agents are members of several
virus groups, including filoviruses (Ebola virus, Marburg
virus), Old World arenaviruses (Lassa virus, Lujo virus),
New World arenaviruses (Machupo virus, Junin virus,
Sabia virus, Guanarito virus, Chapare virus), flaviviruses
(Omsk hemorrhagic fever virus, Kyasanur Forest disease

Author affiliations: Infectious Disease Specialists, PC, Missoula,
Montana, USA (G.F. Risi); St. Patrick Hospital and Health Sciences
Center, Missoula (T. Powers); National Institutes of Health, Bethes-
da, Maryland, USA (G.F. Risi, N.P. Hoe, T. Arminio, P. Carlson, D.
Wilson); and Rocky Mountain Laboratories, Hamilton, Montana,
USA (M.E. Bloom, H. Feldmann)

DOI: 10.3201/eid1603.091485
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virus), and bunyaviruses (Crimean—Congo hemorrhagic
fever virus, Rift Valley fever virus) (1). Work with these
agents is performed in specialized containment laborato-
ries, operating at either BioSafety Level (BSL) 3 or BSL-4.
BSL-3 denotes the potential for acrosol transmission to the
laboratory worker. An agent that also is associated with
high lethality and for which no available vaccine or specific
treatment exists is studied at BSL-4 (2). Many VHF agents
have a demonstrated potential for person-to-person trans-
mission, including in nosocomial settings. A recent exam-
ple of person-to-person transmission to hospital personnel
occurred in September and October 2008 when Lujo virus
was transmitted from the index patient to a paramedic, 2
nurses, and a member of the janitorial staff. Barrier precau-
tions were not in place at the time of these events (3).

To provide safe work settings in which to study these
pathogens, several BSL-4 laboratories are either in opera-
tion or under construction in the United States and abroad
(Table 1) (T.G. Ksiazek, pers. comm.). Operation and man-
agement of these facilities are characterized by redundant
engineering of safety features, strict administrative over-
sight, biosecurity measures, and extensive training (2,4), all
designed to reduce the risk for exposure to persons working
in this environment and prevent agents from being released
into the community. Despite these safeguards, researchers
in the United States and abroad have, on occasion, sustained
occupational exposures to such agents, which rarely have
resulted in overt illness and death (Table 2) (5-11). Be-
cause of the potential for person-to-person transmission of
many VHF agents, rendering care to exposed or ill persons
requires considerations beyond the scope of traditional hos-
pital practices. Contact and/or airborne isolation guidelines
may need to be added to standard isolation over the course
of a patient’s hospitalization (12,13).
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Table 1. BSL-4 laboratories planned or operational, 2009*

Location Status
United States
Centers for Disease Control and Prevention, A
Atlanta, GA, USA
Georgia State University Viral Immunology A
Center, Atlanta
Boston University National Emerging Infectious NA
Disease Laboratories, Boston, MA, USA
United States Army Medical Research Institute A
of Infectious Diseases, Fort Detrick, MD, USA
Department of Homeland Security National NA
Biodefense Analysis and Countermeasures
Center, Frederick, MD, USA
National Institute of Allergy and Infectious
Diseases
Integrated Research Facility, Frederick NA
Rocky Mountain Laboratories, Hamilton, MT, A
USA
Southwest Foundation for Biomedical Research, A
San Antonio, TX, USA
University of Texas Medical Branch, Galveston,
TX, USA
Robert E. Shope MD BSL-4 Laboratory A
Galveston National Biocontainment A
Laboratory
Other countries
Geelong, Victoria, Australia A
Winnipeg, Ontario, Canada A
Taiwan NA
London and Salisbury, UK A A
Lyon, France A
Libreville, Gabon A
Hamburg, Marburg, Berlin, and Greifswald, A A, A, NA
Germany
Pune, India NA
Rome, Italy A
Bilthoven, the Netherlands A
Novosibirsk, Russia A
Sandringham, South Africa NA
Solna, Sweden A
Geneva and Spiez, Switzerland A, NA

*BSL-4, BioSafety Level 4; A, active; NA, nonactive.

On several occasions, persons naturally infected with
a VHF agent have sought treatment at hospitals located in
industrialized areas of the world (14-21). Often the correct
diagnosis is not considered at the time of hospitalization,
and only standard isolation is used until such time as the
diagnosis is suspected or confirmed. Despite this limitation,
nosocomial transmission of these agents is uncommon in
adequately resourced hospitals (16,18,20,21). Notably, the
medical care requirements for patients with a naturally ac-
quired VHF illness are identical to those needed for labora-
tory-acquired infections with the same agents.

Because of the limited and unique settings in which
BSL-4 research has historically taken place in the United
States, hospitalization for occupational exposures to VHF
agents has typically been a dedicated facility remote from
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a conventional hospital, e.g., the medical containment
suite (the “slammer”) at the US Army Medical Research
Institute of Infectious Diseases (USAMRIID), Frederick,
Maryland, USA, or the biocontainment patient care unit at
Emory University, Atlanta, Georgia, USA. The benefits of
a remote facility include reducing the risk for nosocomial
transmission, use of personnel who are already trained in
managing a patient in containment, and control of public
access (22). However, this approach has several serious
drawbacks, including limited access to medical specialties
and nursing staff, limited availability of medications and
blood products, and limited access to specialized equip-
ment such as ventilators and hemodialysis machines. In
addition, increased psychological stress is experienced by
patients confined to such a facility. Finally, given that the
need to activate these facilities is extremely rare, the ex-
pense of building and maintaining a stand-alone unit poses
a substantial limitation to this approach.

In addition to physical separation of the facility, medi-
cal and support staff at the USAMRIID facility work in
positive pressure suits similar to those used in the labora-
tories themselves (22). Although the use of such suits pro-
vides protection to the caregiver, positive pressure suits are
cumbersome, physically demanding to work in, and require
substantial time for donning and doffing (dressing and un-
dressing). Furthermore, venipuncture and other interven-
tions in this unaccustomed and inconvenient setting pose a
clear exposure risk to healthcare workers (HCWs). These
factors are serious drawbacks when a HCW needs to render
care to an acutely ill patient.

Documented clinical experience from several situa-
tions clearly indicates that nosocomial transmission can be
prevented by implementing standard, contact, and airborne
isolation procedures (3,15,16,19,,20). Furthermore, all
BSL-4 research programs stress the importance of recog-
nizing and quickly reporting potential work-related expo-
sures and illnesses to occupational medical and safety staff.
Thus, healthcare staff will typically be informed about the
specific agent and the nature of the exposure early in the
incubation period. This will enable rapid evaluation and
timely institution of appropriate isolation precautions.

Given all these considerations, what additional en-
hancements are really necessary for a hospital to safely
care for patients while still enabling delivery of optimum
medical care? Because of sensational misconceptions about
VHF agents in popular media such as movies and the press,
other serious issues are the willingness of HCWs to render
care to such persons and how to determine what additional
actions would increase the likelihood of their doing so. We
offer a practical approach to dealing with these issues in the
procedures followed by a patient isolation facility located
in Missoula, Montana, USA, and its attendant training and
educational components.

Emerging Infectious Diseases ¢ www.cdc.gov/eid « Vol. 16, No. 3, March 2010



Exposures to Agents in BSL-3 and BSL-4

Table 2. Infections caused by laboratory exposure to hemorrhagic fever viruses*

Virus Incident

Ebola Fingerstick while manipulating infected guinea pig tissue, 1977 (5); percutaneous exposure to
blood from a Zaire Ebola virus—infected rodent, 2004 (7)

Marburg 3 laboratory acquired infections since the mid-1980s; 1 death occurred in Russia; no details

Crimean—Congo hemorrhagic fever
Lassa

Junin

Machupo

available (8)

8 cases before 1980 compiled by SALS; no details available (9)
1 case reported in 1970 with limited details provided (10)
21 cases before 1980 compiled by SALS; no details available (9)
1 person exposed to aerosolized blood from a broken test tube (11)

*SALS, Subcommittee on Arbovirus Laboratory Safety.

Care and Isolation Unit

The Division of Intramural Research of the National
Institute of Allergy and Infectious Diseases (NIAID) re-
cently completed construction of an integrated research
facility with BSL-4 research space at its Rocky Mountain
Laboratories (RML) in Hamilton, Montana. As part of the
project, NIAID contracted with St. Patrick Hospital and
Health Sciences Center (SPH), a regional referral medi-
cal center located in Missoula, Montana, for provision and
staffing of a patient isolation facility to support the RML
BSL-4 research program. The facility, known as a care and
isolation unit (CIU) (23) was designed to care for RML
workers who had either known or had potential exposure
to, or illness from, work-related diseases. The facility had to
be located within 75 miles of RML, had to provide the full
range of standard in-patient care, including intensive care,
and had to meet the facility design guidelines of the Nation-
al Institutes of Health, Division of Occupational Health and
Safety (NIH DOHS) (24). Furthermore, the hospital had to
supply the personnel to provide the full range of medical
and nursing care and to be able to accept a patient within 8
hours (this would entail notification of key members of the
hospital hierarchy, transferring patients if the rooms were
currently occupied, securing adequate nursing and support
staff, and carrying out systems checks to ensure that air
handling systems and autoclaves were operational). In ad-
dition to the physical facility, a training program for critical
care nurses, physicians, and other medical personnel was a
major component of the contract.

To satisfy the NIH requirements for the CIU, the fol-
lowing elements were needed: 1) access control, i.e., the
ability to restrict entrance into the CIU to authorized per-
sons only; 2) three separate stand-alone rooms, each with
a bathroom and shower, separate air handling, and an an-
teroom separating the patient room from the hallway; 3)
directional air flow from the hallway into the anteroom and
from the anteroom into the patient room; 4) a dedicated
exhaust system providing >12 air exchanges per hour to the
patient rooms (including >2 outside air changes per hour);
5) passage of exhaust through a HEPA filter to the building
exterior >8 feet above the rooftop and well removed from
air intake ducts; 6) room surfaces constructed of seamless

Emerging Infectious Diseases ¢ www.cdc.gov/eid ¢ Vol. 16, No. 3, March 2010

materials amenable to topical disinfection; 7) the capability
for the full range of intensive care unit (ICU) monitor-
ing and support, including the ability to perform limited
surgery, hemodialysis or peritoneal dialysis, Swan-Ganz
catheter placement, and hemodynamic monitoring; and 8)
a separate autoclave within the CIU for sterilizing all items
that come out of a patient room.

SPH was selected to provide these services and facili-
ties. SPH is a not-for-profit medical center under the spon-
sorship of the Sisters of Providence. It has 195 acute care
beds, and >10,000 patient admissions per year. The full
range of standard specialty medical care is available within
the hospital, including 24 hour, 7 day/week availability of
specialists in critical care, infectious disease, and all surgi-
cal subspecialties.

SPH retrofitted 3 adjacent rooms within the existing
medical ICU (MICU) to create the CIU. A set of doors
was installed to control access to the CIU from the MICU,
and these would remain open when the CIU was not in use
(Figure). A separate fully equipped nursing station was con-
structed, with closed circuit television monitoring for each of
the 3 rooms. After construction, the CIU was inspected and

Autoclave [ L1
Nurse’s | ==

£ Directional
< airflow

Each room
with separate air
handling

Figure. Floor plan of the Care and Isolation Unit, St. Patrick Hospital
and Health Sciences Center, Missoula, MT, USA.
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approved by officials from NIH DOHS. Under normal cir-
cumstances, the CIU operates either as 3 conventional MICU
rooms or as isolation rooms for patients with community-ac-
quired illnesses for which isolation of airborne pathogens is
needed. If a patient from RML should require admission, any
current occupants would be transferred, and access would be
limited by closing off that section of the MICU.

In addition to the physical aspects of the CIU, several
other elements were developed. Specific policies and pro-
cedures were written that deal with all aspects from admis-
sion to discharge, including unique aspects such as clean up
of infected bodily spills, donning and doffing of personal
protective equipment (PPE), and use of the autoclave. Sup-
port of hospital administration, physicians, nurses, and sup-
port personnel was critical. This backing was enlisted pri-
marily by mounting an educational campaign that stressed
the true risk for nosocomial transmission of these agents,
as well as the recognition that the increased resources that
would be provided to the hospital could greatly enhance
capacity for handling community-acquired infections.

One feature dealt with preparing the hospital staff to
care for such exposed persons. To accomplish this feature,
we developed a detailed curriculum, which can be pre-
sented during a 1-day training workshop. This workshop
includes didactic information, patient care scenarios dis-
cussed in group settings, and hands-on training. Simulation
of various patient care activities (hand hygiene, donning
and doffing of PPE, cleanup of body fluids, and rendering
ICU level care to a patient) is conducted by using program-
mable mannequins and either tonic water or Glo Germ
(Glo Germ, Moab, UT, USA), both of which fluoresce
under ultraviolet light, to simulate infectious body fluids.
Continuing education credits are granted for participation.
Competence is maintained with quarterly demonstration of
proper technique, review of CIU-specific policies and pro-
cedures, and required utilization of a series of online prob-
lem-oriented patient care scenarios. Training videos have
been developed that demonstrate proper technique for spill
cleanup, donning and doffing of PPE, processing of patient
specimens, and processing of biohazardous waste, includ-
ing use of the autoclave. Finally, detailed educational mod-
ules have been developed for each of the BSL-4 pathogens.
These modules are designed to provide a nurse, emergency
medical technician, or critical care physician with critical
information that is quickly accessible as well as an exten-
sive discussion of all aspects of the agent. The modules are
in a standard format with extensive references and websites
for further reading. All of this information is available for
review any time both in hard copy as well as on the hospi-
tal’s intranet site in the form of slide presentations, videos,
or PDF files. The SPH staff has been generous in supply-
ing feedback on the training and has been instrumental in
refining the curriculum. Acquisition of knowledge has been
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documented with the use of pretesting and posttesting. After
completion of the training, SPH staff members expressed
increased confidence in caring for patients with all types of
communicable infectious diseases, including VHFs.

To maintain readiness, a series of drills and exercises
have been performed and will continue, in collaboration
with RML and local emergency medical services providers.
These readiness exercises have encompassed all aspects of
care from arrival to the hospital through discharge.

Discussion

Engineering and administrative controls as well as
PPE and standard operating procedures that are in place
in modern BSL-4 laboratories have been associated with a
greatly reduced incidence of occupational exposures to in-
fectious agents (23,25). However, exposures, now primar-
ily by the percutaneous route, still occur. USAMRIID re-
cently published a review of potential laboratory exposures
to agents of bioterrorism at their facility during 1989-2002
(26). During that time, 12 evaluations were made for po-
tential exposures to filoviruses (Ebola virus or Marburg
virus), 3 to arenaviruses, and 4 to Crimean—Congo hem-
orrhagic fever virus. Although none of these incidents
was deemed a high enough risk to warrant isolation of the
exposed persons, 2 laboratory workers were given inves-
tigational antiviral agents. One exposure at USAMRIID
in 2004 resulted in isolation when a scientist received a
puncture injury through a gloved hand while manipulating
a mouse that had been experimentally exposed to Ebola vi-
rus (22). Fortunately, none of these situations resulted in
infection. However, workers have been infected by agents
of VHF from laboratory accidents elsewhere (Table 2).

Nosocomial transmission of VHF is infrequently de-
scribed outside of resource-poor settings. With rare excep-
tion, such events have occurred because of the lack of rec-
ognition that the index patient had such an infection (3,18).
The Centers for Disease Control and Prevention (CDC) has
published guidelines for management of patients infected
with viral hemorrhagic fevers in the conventional hospi-
tal setting (12,13). Notably, medical care has been safely
rendered by using conventional barrier precautions alone
to persons infected with VHF viruses, including Ebola vi-
rus (5,18), Marburg virus (19,20), Lassa fever virus (27),
Machupo virus (11), Sabia virus (28), and Crimean—Congo
hemorrhagic fever virus (21).

Nevertheless, even well-trained HCWs may make
mistakes due to anxiety, fatigue, or other stressors, so addi-
tional facility enhancements that augment safety are desir-
able when dealing with potentially lethal infectious diseas-
es. Furthermore, the recognition of a patient with an exotic
or unfamiliar contagious disease may engender trepidation
among the medical community as well as the public. Such
concerns have at times resulted in reluctance on the part
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of HCWs to care for persons infected with such agents as
monkeypox virus (29), Yersinia pestis (plague) (30), and
others. When a sample of 1,000 physicians were surveyed
(526 responses), 80% indicated a willingness to care for pa-
tients in the event of an outbreak of an unknown but poten-
tially deadly illness, but only 21% felt adequately prepared
to do so (31). Reluctance is often out of proportion to the
true risks and results from concerns for personal and fam-
ily member safety. These concerns are likely to be reduced
if the HCW perceives that the facility has taken additional
precautions and instituted additional training.

To maximize safety as well as to address provider con-
cerns of HCWs and other staff, we have developed the CIU
and our accompanying training program. Our pragmatic
and practical approach provides a well-designed facility
that enhances safety not only for the care of a patient in-
fected with a laboratory-acquired VHF virus infection, but
also for serious transmissible community-acquired disease
or for exotic diseases contracted while traveling.

As international tourism and work assignments con-
tinue to expand, the importation of exotic diseases is almost
certain to increase and to appear in unexpected locations.
Recent instances of infection have occurred with Marburg
virus in Colorado (19) and the Netherlands (20); with Lassa
fever virus in New Jersey (15), the United Kingdom (16),
and Germany 6 (16); with Y. pestis (32) in New York, New
York; and with (initially thought) extensively drug-resis-
tant Mycobacterium tuberculosis in Atlanta, Georgia (33).
Finally, in the United States, 1,356 BSL-3 laboratories
are registered with either CDC or the US Department of
Agriculture select agent programs (34). For these reasons,
relatively low-cost facilities ($624,000.00 for design and
construction of our unit) like the CIU may become more
critical. Furthermore, training programs, similar to the
one we have implemented, with emphasis on such practi-
cal infection control issues as the proper use of PPE, hand
hygiene, and proper spill cleanup, has broad application.
Other communities might consider the benefits of our ap-
proach, whether or not infectious disease research labora-
tories are constructed in their area.

This work was supported by the NIH Division of Occupa-
tional Health and Safety (G.R., N.H., T.A., P.C., D.W.), and the
NIAID Division of Intramural Research (M.B., H.F.).
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Bartonella spp. Transmission by
Ticks Not Established

Sam R. Telford Ill and Gary P. Wormser

Bartonella spp. infect humans and many animal spe-
cies. Mainly because PCR studies have demonstrated Bar-
tonella DNA in ticks, some healthcare providers believe that
these microorganisms are transmitted by ticks. B. henselae,
in particular, is regarded as being present in and transmis-
sible by the Ixodes scapularis tick. The presence of a mi-
crobial agent within a tick, however, does not imply that the
tick might transmit it during the course of blood feeding and
does not confer epidemiologic importance. After a critical
review of the evidence for and against tick transmission, we
conclude that transmission of any Bartonella spp. by ticks,
to animals or humans, has not been established. We are
unaware of any well-documented case of B. henselae trans-
mission by |. scapularis ticks.

Infections with Bartonella spp. appear to be widespread
in many animal species besides cats (1). Some evidence
has been advanced in support of the possibility of tick
transmission. Such findings have resulted in diagnostic
testing and empiric therapies directed at B. henselae in-
fection that are of dubious value with respect to illnesses
thought to be caused by deer tick exposure. We critically
examined the reported findings regarding tick transmis-
sion of Bartonella spp.

Bartonella spp. are common bacterial hemoparasites
of mammals; for as long as 100 years, 2 species have been
known to cause infections of public health significance.
Trench fever, caused by B. quintana (formerly Rochalimaea
quintana) and transmitted by body lice, affected hundreds

Author affiliations: Tufts University Cummings School of Veterinary
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of thousands of soldiers or displaced persons during World
War I and to this day affects homeless persons. Oroya fe-
ver (and its chronic manifestation verruga peruana), caused
by infection with B. bacilliformis and transmitted by phle-
botomine sandflies, is a potentially severe febrile disease.
Although it is geographically restricted to the high altitudes
of the Andes and affects only a relatively small number of
persons, the high case-fatality rate brought attention to this
apparent anthroponosis as early as the late 1800s.

B. henselae causes cat-scratch disease, the most com-
mon Bartonella spp. infection in the United States (2). The
hallmark of cat-scratch disease is enlargement and tender-
ness of lymph nodes draining the site of inoculation of the
microorganism (3). In addition, a skin or mucous membrane
lesion may be observed at the site of inoculation for 25%
to >90% of patients (3,4). Extranodal clinical manifesta-
tions (e.g., encephalopathy, neuroretinitis, arthritis, and
lytic bone lesions) occur in =10% of patients (3-6). Cats
are the main reservoir of B. henselae. In a study from San
Francisco, 25 (41%) of 61 pet, pound, or stray cats (Felis
domesticus) were found to have B. henselae bacteremia (7).
Bites or scratches from infected cats are associated with
development of cat-scratch disease. The gut of cat fleas is
commonly infected, and exposure to feces of infected fleas
is the presumed route of transmission to uninfected cats and
a possible route of transmission to humans.

Parasitologists focusing on blood parasites have long
noted the ubiquity of Bartonella spp. within mammals, par-
ticularly rodents, and by the late 1960s nearly 2 dozen spe-
cies had been described within the genus Grahamella (8).
The genera Rochalimaea and Grahamella were subsumed
into the genus Bartonella (9), and many of the validly pub-
lished Grahamella spp. have been excluded from the list of
approved bacterial taxa (10). These actions tended to foster
ignorance of the history of the diversity of Bartonella spp.
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and to promote a fallacy in pathogen discovery (11); name-
ly, if a DNA sequence is not present in GenBank, surely
it must represent something novel, the extensive classical
literature on a likely identical organism known only by
morphology notwithstanding. The significance of such a
fallacy is that a large body of literature that may provide
critical details on the biology of a “novel” agent is com-
pletely overlooked or dismissed.

Vector Relationships

Seminal studies by Richard Pearson Strong and the
members of the American Red Cross trench fever com-
mission (12) conclusively demonstrated biological as op-
posed to mechanical transmission of the trench fever agent
by body lice. Feeding experiments on human volunteers
established that lice may transmit by bite or by fecal con-
tamination of abraded skin; that an infected louse remains
infectious for at least 2 weeks; that the agent is not inher-
ited by the progeny of infected lice; and that transmission
may be extremely efficient, causing trench fever in 75% of
volunteers after 1 exposure to a feeding box containing ~50
lice that had previously fed on patients with trench fever.

Although initially Oroya fever was epidemiologically
associated with ticks (13), it rapidly became evident that
phlebotomine sandflies (particularly Lutzomyia verru-
carum) were the vectors. Sandflies were the only blood-
feeding arthropods that were peridomestic in their habits
and occurred in the “bartonella zone,” >2,000 m elevation.
Experimentally, sandflies acquired infection from blood-
smear positive patients and transmitted infection by bite to
those without evidence of Bartonella spp. infection (14).

Grahamellae (now bartonellae) of rodents have long
been known to be transmitted by fleas (15-17). Such stud-
ies have noted the difficulty with which experimental infec-
tions may be established by means other than inoculation
of flea homogenates, the persistence within the rectal sac of
the flea, and the likely mode of perpetuation of the bacteria
by larval fleas ingesting dried infected blood. In addition,
grahamellae-infected rodents were noted to exist in the ab-
sence of ticks, demonstrating that ticks were not required to
perpetuate these particular bacteria.

Ticks as Vectors

Ticks are notorious vectors of a variety of agents that
cause zoonotic infections (11), including viruses, bacteria,
and protozoans. Like all animals, ticks have a diverse mi-
croflora. Recent analyses, using cloning and sequencing
broad-range 16S rDNA amplification products, have docu-
mented a large bacterial flora within northeastern popula-
tions of Ixodes scapularis ticks that bite humans as nymphs,
hereafter referred to as deer ticks (18,19). Amebas, myco-
plasma, fungi, and helminths have been detected in these
ticks by microscopy or other standard methods. However,
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the presence of a microbial agent within a tick does not im-
ply that the tick might transmit it during the course of blood
feeding or that it is pathogenic.

During early investigations of the causes of Oroya fe-
ver, Noguchi (20) demonstrated that B. bacilliformis could
be experimentally transmitted between monkeys by the
bites of Dermacentor andersoni ticks. However, the ticks
that had been fed for a few days on infected monkeys were
removed and allowed to reattach and complete their blood
meal on uninfected animals, which became infected. No-
guchi concluded that mechanical transmission had been
demonstrated (perhaps by contamination of mouthparts or
by regurgitation of the infectious partial blood meal), but
persistence of viable bacteria or transstadial passage had
not, and thus ticks were not biologic vectors.

Based on the volume of studies, the most compelling
argument in favor of a tick vector for Bartonella spp. is
that these microorganisms are sometimes detected in field-
collected ticks (Table 1) (15). Although at least 20 studies
have provided evidence for the presence of Bartonella spp.
in primarily Ixodes spp. ticks collected at various locations
in the United States and Europe, only 1 study has confirmed
the presence of Bartonella spp. by culture (15,21,22). Cau-
tion is warranted when interpreting such data, however, be-
cause acquisition of Bartonella spp. from animal sources
through a blood meal would be anticipated given the ubig-
uity of the microorganism in domestic animals and wild-
life. In New England, as many as 60% of white-footed mice
are blood-smear positive for Grahamella spp. (now Barto-
nella), regardless of collection site, including those trapped
within the house of 1 of the authors where a tick life cycle
was not present (S.R. Telford III, unpub. data); prevalence
would probably reach unity if more sensitive modes of de-
tection were used. The mere presence of Bartonella spp.
or their DNA in ticks does not prove vector competence or

Table 1. Reasons that Bartonella species might be transmitted by

ticks

» Certain other arthropods can transmit Bartonella species.

» Seropositivity to B. vinsonii subsp. berkhoffii in dogs correlates
with tick exposure and with seropositivity to other tick-borne
pathogens. Seropositivity to B. henselae in feral cats in the
United Kingdom correlated with seropositivity to Borrelia
burgdorferi.

» Bartonella spp. DNA is present in ticks.

» Cases of B. henselae infection with preceding tick bite have
been reported.

» Transstadial transmission of B. henselae in Ixodes ricinus ticks
and transmission by . ricinus ticks during a blood meal using
an artificial feeding system have been shown.

» Case control study of cat-scratch disease found a significant
association with having had a tick on the body, but this
association lost statistical significance on a bivariate analysis
controlling for kitten exposure.

» Bartonella spp. are commonly present in Peromyscus
leucopus mice, a major host for deer ticks and a main
reservoir of B. burgdorferi.
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confer epidemiologic significance (15), but it should serve
as the impetus to rigorously perform the studies necessary
to establish vector competence of ticks. At the least, vi-
ability should be established for bartonellae detected within
ticks by means of in vitro cultivation.

To date, no report has documented transmission of
B. henselae or any other Bartonella spp. to an animal af-
ter a tick bite (Table 2). The strongest evidence that ticks
might be competent vectors for bartonellae was reported
in a recent study in which I. ricinus ticks were infected
with B. henselae in spiked (artificially infected) ovine
blood by using an artificial feeding system (23). The ticks
maintained infection throughout the molt, thereby estab-
lishing transstadial transmission. The experimentally in-
fected ticks were also able to transmit B. henselae during
a subsequent blood meal, again through the artificial feed-
ing system; the dissected salivary glands from such ticks,
when introduced into a cat, produced typical B. hense-
lae infection, proving viability. Serious questions exist,
however, as to whether these experiments are relevant to
establishing vector competence. The ticks were fed con-
tinuously on blood meals with 10° CFU/mL, representing
a bacteremia that would rarely be seen in natural infec-
tions of cats. Given that Ixodes spp. nymphs ingest a to-
tal of =15 pL blood (24), each nymph may have ingested
105-107 bacteria, a large dose. In addition, the Houston-1
strain of B. henselae used in this study may not represent
strains found in nature. It is highly adapted to the labora-
tory and readily grows in vitro, whereas primary isolates
are extremely fastidious and grow slowly.

A more straightforward experiment to establish vector
competence would be to feed an uninfected Ixodes sp. tick
on a B. henselae-infected cat and then, after the tick has
molted, determine whether B. henselae can be transmitted
by tick bite to an uninfected cat. However, even if such
an experiment were to prove vector competence, additional
data would be needed to conclude that Ixodes spp. ticks are
epidemiologically relevant as B. henselae vectors.

Do epidemiologic data that support tick transmission
of Bartonella spp. in animals exist? One study correlated
canine seropositivity to B. vinsonii subsp. berkhoffii with
tick exposure and with seropositivity to other tick-borne
pathogens (25). However, the dogs in that study were
also heavily exposed to fleas, and according to findings
with cats, flea transmission is as likely a possibility as tick
transmission in dogs, if not more so (15,25,26). A study
in the United Kingdom reported an association between
seropositivity to B. henselae and to Borrelia burgdorferi
in feral cats (27). The method used to detect antibodies to
B. burgdorferi was not precisely described. However, the
fact that the rate of seropositivity to B. henselae was nearly
the same for domestic and feral cats, despite domestic cats
having much less tick exposure than feral cats, raises ques-
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Table 2. Reasons that transmission of Bartonella henselae by

deer ticks is unlikely or unproven

» Typical cat-scratch disease after a recognized deer tick bite
has not been observed.

« Cat-scratch disease has a different seasonal pattern from that
of Lyme disease.

» Appropriate seroepidemiologic studies have not been done.

* Vector competence of ticks for B. henselae in an animal
system has not been proven.

* No convincing evidence of B. henselae in deer ticks has been
reported.

* The Bartonella species present in Peromyscus leucopus mice
is not B. henselae.

* The US cases with convincing evidence of B. henselae
infection after a tick bite occurred in areas where Lyme
disease is not endemic.

tions about the epidemiologic relevance of tick transmis-
sion. In another study, a “novel” Bartonella subspecies
was detected more often in white-footed mice concurrently
infected with the tick-borne pathogens B. burgdorferi or
Babesia microti (1), but this analysis failed to compare the
likelihood that the Bartonella spp. might also commonly
co-occur with rodent trypanosomes, which are maintained
by fleas. Epidemiologic arguments must carefully control
for confounding, and none to date argues convincingly for
tick transmission of Bartonella spp.

Studies of Humans

Certain authors have interpreted their studies as pro-
viding epidemiologic support for tick transmission of Bar-
tonella spp. These data are, however, largely anecdotal and
inconclusive (28,29). Culture-confirmed B. henselae infec-
tion was reported in 3 US patients who had been bitten by
a tick within a few weeks of onset of illness (28,30); 2 of
these patients had been in contact with a cat and may have
been infected by this animal or its fleas. The tick species
causing the bites was not identified for any of the patients
but was unlikely to have been deer ticks because of the lo-
cations (Arkansas, Oklahoma, and probably North Caroli-
na) (30), in which deer tick bites would be rare. Bartonella
spp. have rarely (2 of 2500 ticks) been detected in Ambly-
omma americanum ticks, the most common tick species to
parasitize humans in these 3 states (22), but the finding was
based on 1 PCR and not confirmed with a second target or
any other assay.

A more recent study described 3 patients from Europe
for whom a scalp eschar and neck lymphadenopathy were
attributed to tick transmission of B. henselae (31). Molec-
ular detection of the microorganism by PCR of a biopsy
specimen from the eschar, in conjunction with a high serum
antibody titer by immunofluorescence assay, document B.
henselae infection for 2 of the patients; a tick bite at the
lesion site was presumed but not proven for either patient.
Both had been in contact with cats that may well have
transmitted this infection because the clinical features were
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indistinguishable from those of cat-scratch disease. The
third patient, who had no cat exposure, had a documented
bite from a Dermacentor marginatus tick that had PCR evi-
dence of B. henselae infection. Whether the patient actually
had B. henselae infection is questionable because PCR test-
ing of tissue from the eschar was negative and antibodies to
B. henselae could not be detected by immunofluorescence
assay. The sole stated basis for the diagnosis was a posi-
tive Western blot result, but neither the interpretive criteria
used nor the specificity of this testing were provided. When
associated with a documented tick bite, the most common
cause for a scalp eschar and neck lymphadenopathy is Rick-
ettsia slovaca, but other rickettsia and even Francisella tu-
larensis are possible causes, and in at least 25% of cases no
pathogen can be identified (31).

Univariate analysis in a case—control study of cat-
scratch disease in Connecticut found a significant asso-
ciation between having found a tick on the body and cat-
scratch disease (32). This association, however, did not
remain significant on multivariate (bivariate) analysis after
controlling for exposure to kittens.

A 2001 report from New Jersey described 3 patients
believed to have nervous system co-infection with B. hense-
lae and B. burgdorferi (33). The authors suggested that
bartonellae were transmitted by infected deer ticks because
of the co-infection with B. burgdorferi and because the in-
vestigators detected B. henselae in a deer tick found in the
household of 1 of these co-infected patients and in several
deer ticks found on the pet cat of a fourth patient believed
to have only B. henselae infection. PCR detection of DNA
of both B. burgdorferi and B. henselae in the cerebrospinal
fluid of these patients was the primary basis for the diag-
nosis of co-infection. An accompanying editorial, however,
raised concerns about the validity of the diagnosis of both
neuroborreliosis and neurobartonellosis in these patients
(34). The clinical features were atypical for either infection,
and the laboratory test results in support of these infections
showed inconsistencies. In addition, 2 of the 3 authors had
a potential conflict of interest; they were associated with a
commercial laboratory that stood to gain financially from
laboratory testing for B. henselae. The PCRs used by these
investigators and others need careful scrutiny. In a later pub-
lication (35), the authors of the original NJ report conceded
that the primers that they had used to amplify B. henselae
DNA were insufficiently specific to warrant the conclusion
that B. henselae was detected. BLAST (www.ncbi.nlm.nih.
gov/blast/Blast.cgi) analysis of their primer P12B demon-
strates identity with mouse mitochondrial DNA; also, what
might be amplified if the PCR reaction were not stringent
enough (e.g., lower annealing temperature) is not clear.
In addition, their primer P24E contains a large proportion
of a-proteobacterial 3’ terminus 16S rDNA consensus se-
quence. Because the specificity of PCR testing depends on
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target selection and reaction conditions, molecular detection
using current primer sets may identify yet-undescribed gen-
era of environmental bacteria distinct from Bartonella spp.
Future examination of field-collected ticks for Bartonella
spp. DNA should use a minimum of 2 independent PCR
targets, preferably those that include larger portions of phy-
logenetically informative genes; to demonstrate viability,
Bartonella spp. cultures should be attempted from all DNA-
positive ticks. The deer ticks were unlikely to have been
actually infected with B. henselae unless one postulates that
feral cats serve as common hosts to larval or nymphal deer
ticks. Indeed, the relatively high prevalence of reported Bar-
tonella spp. infection (35) suggests that these ticks feed on
cats as frequently as they do on mice. Although cats cer-
tainly serve as hosts for deer ticks of all stages, their contri-
bution to feeding these vectors relative to all other animals
remains to be defined and is likely to be minimal compared
with rodents or birds. Given how frequently deer ticks feed
on mice, B. vinsonii arupensis (previously known as Gra-
hamella peromysci), which was isolated from a febrile,
encephalopathic patient as well as from a patient who died
from endocarditis, should more commonly infect persons in
Lyme disease—endemic sites. This agent, however, has not
been detected in deer ticks in any survey to date. Neverthe-
less, that B. henselae infection is a potential deer tick-trans-
mitted co-infection in patients with possible Lyme disease
is still widely accepted by the “chronic Lyme disease” coun-
terculture (i.e., those physicians, patients, and activists who
believe that patients with unexplained subjective symptoms
have chronic B. burgdorferi infection even in the absence of
exposure to a disease-endemic area or credible laboratory
evidence of infection) (36).

Anecdotal accounts of B. henselae co-infection with
B. burgdorferi in patients have been reported from Poland
(37), Russia (29), and North Carolina (38). The report from
North Carolina relied solely on immunoglobulin (Ig) M
seroreactivity to B. burgdorferi to support a diagnosis of
neuroborreliosis (38). The relatively poor specificity of
IgM serologic testing (39) and the fact that the case was
from outside Lyme disease—endemic regions of the United
States raise concerns about the validity of the diagnosis of
B. burgdorferi infection in this patient.

A straightforward approach to address whether B.
henselae is transmitted by deer ticks would be seroepide-
miologic studies to compare the prevalence of B. henselae
antibodies in patients with Lyme disease with those in ap-
propriate control groups, but such studies have not been
performed. A study in Slovenia found that only 1 of the 86
children in whom febrile illness developed after a tick bite
had Lyme disease in conjunction with seroconversion for
IgG antibodies to both B. henselae and B. quintana (40).

In the United States alone, >20,000 cases of Lyme
disease and about the same number of cases of cat-scratch
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disease occur annually (2). Thus, co-infections may occur
occasionally by chance alone, without cotransmission by a
tick vector. If the bite of a deer tick is a common route for
B. henselae transmission, the absence of reports of the typi-
cal lymph node findings of cat-scratch disease proximal to
the bite site of this tick species seems puzzling. The season-
ality of cat-scratch disease, in which most cases in temper-
ate regions occur in autumn and early winter (when peak
breeding of cat fleas and birth of kittens occur), provides
further evidence against a major role for ticks in transmis-
sion of B. henselae (32).

Conclusion

Tick transmission of any Bartonella spp. to either ani-
mals or humans has not been established. B. henselae in par-
ticular is unlikely to be transmitted by deer ticks, and, to our
knowledge, no well-documented case of transmission by this
tick species in humans or animals has been reported.
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Potential for Tick-borne
Bartonelloses

Emmanouil Angelakis, Sarah A. Billeter, Edward B. Breitschwerdt, Bruno B. Chomel,
and Didier Raoult

As worldwide vectors of human infectious diseases,
ticks are considered to be second only to mosquitoes.
Each tick species has preferred environmental conditions
and biotopes that determine its geographic distribution, the
pathogens it vectors, and the areas that pose risk for tick-
borne diseases. Researchers have identified an increasing
number of bacterial pathogens that are transmitted by ticks,
including Anaplasma, Borrelia, Ehrlichia, and Rickettsia
spp. Recent reports involving humans and canines suggest
that ticks should be considered as potential vectors of Bar-
tonella spp. To strengthen this suggestion, numerous mo-
lecular surveys to detect Bartonella DNA in ticks have been
conducted. However, there is little evidence that Bartonella
spp. can replicate within ticks and no definitive evidence of
transmission by a tick to a vertebrate host.

Bartonella spp. are gram-negative bacilli or coccobacilli
that belong to the a-2 subgroup of Proteobacteria. Ac-
cording to 16S rDNA gene comparisons, they are closely
related to the genera Brucella and Agrobacterium (1). A
remarkable feature of the genus Bartonella is the ability
of a single species to cause either acute or chronic infec-
tion that can cause either vascular proliferative lesions or
suppurative and granulomatous inflammation. The patho-
logic response to infection with Bartonella spp. varies
substantially with the status of the host’s immune system;
vasoproliferative lesions are most frequently reported for
immunocompromised patients. To date, 13 Bartonella spe-
cies and subspecies have been associated with an increas-
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ing spectrum of clinical syndromes in humans, including
cat-scratch disease and chronic bacteremia (B. henselae),
bacillary angiomatosis (B. henselae, B. quintana), pelio-
sis hepatitis (B. henselae), bacteremia and/or endocarditis
(B. henselae, B. quintana, B. elizabethae, B. vinsonii sub-
sp. arupensis, B. vinsonii subsp. berkhoffii, B. koehlerae,
and B. alsatica), Carrion disease (B. bacilliformis), trench
fever (B. quintana), retinitis and uveitis (B. henselae, B.
grahamii), myocarditis (B. vinsonii subsp. berkhoffii, B.
washoensis), splenomegaly (B. bacilliformis, B. henselae,
B. rochalimae), and fever and fatigue (B. henselae, B. vin-
sonii subsp. berkhoffii, B. tamiae) (1-3).

Ticks

Ticks were first identified as potential vectors of Babe-
sia bigemina, the agent of Texas cattle fever, in 1893 (4).
There are 2 major tick families (=865 tick species world-
wide): the Ixodidae, or hard ticks, characterized by a
sclerotized dorsal plate, and the Argasidae, or soft ticks,
characterized by their flexible cuticle. A third family, the
Nuttalliellidae, is represented by a single species that is
confined to southern Africa. The genus Ixodes, family Ixo-
didae, contains >200 species, of which 14 make up the I.
ricinus complex (4). Among these 14 species, |. scapularis,
I. pacificus, I. ricinus, and I. persulcatus ticks are involved
in the transmission of the Borrelia burgdorferi complex,
which is a prevalent cause of Lyme disease in persons in
the Northern Hemisphere.

Ticks in various regions of the world are vectors for
bacterial, viral, and protozoal pathogens (5). Ticks may act
not only as vectors but also as reservoirs of tick-transmitted
bacteria that are transmitted transstadially and transovari-
ally in a tick species (e.g., certain Rickettsia spp. and Bor-
relia spp.) (5). When feeding on an infected small-mammal
host, larvae and nymphs can ingest >1 pathogens while
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obtaining a blood meal. Some organisms are then passaged
to the next stage in the tick life cycle and can be transmis-
sible during the subsequent blood meal (5). For each tick
species, the optimal environmental conditions determine
the geographic distribution; the spectrum of tick-borne
pathogens; and as a result, the geographic areas of risk for
tick-borne diseases, particularly when ticks are both vec-
tors and reservoirs of specific pathogens.

Hard ticks are the primary vectors of a variety of bac-
terial pathogens, including Anaplasma spp., Borrelia spp.,
Ehrlichia spp., Coxiella burnetii, and Rickettsia spp (5-7).
Anaplasma phagocytophilum is transmitted by I. persul-
catus—complex ticks, including I. scapularis, 1. pacificus,
and I. ricinus, whereas Ehrlichia chaffeensis and Ehrlichia
ewingii are transmitted by Amblyomma americanum ticks
(5,6). Although some pathogens are carried by a single or
limited number of tick species, other organisms such as
Coxiella burnetii have been identified in >40 tick species
(7). Lyme disease, caused by B. burgdorferi, is transmit-
ted by I. scapularis and I. pacificus ticks within the United
States, by I. ricinus ticks in Europe, and by other Ixodes
spp. ticks in the Northern Hemisphere (5,8). Although
specific Bartonella spp. are transmitted by blood-sucking
arthropods, including fleas, lice, or sandflies, the only evi-
dence to support the possibility of tick-borne transmission
is indirect.

We present an overview of the various Bartonella spp.
that have been detected in ticks and discuss human cases
of Bartonella infection that are suggestive of tick transmis-
sion. Because of the rapidly expanding number of reservoir
host—adapted Bartonella spp. that have been discovered in
recent years, efforts to clarify modes of transmission are
relevant to public health in terms of interrupting the trans-
mission process. As evolving evidence supports the abil-
ity of this genus to induce chronic intravascular infections
in humans, improved understanding of vector competence
could facilitate efforts to block pathogen transmission,
which would help improve human health (9).

Host Associations and Specificity

Bartonella spp. have a natural cycle of chronic in-
travascular infection in a reservoir host and a sustained
pattern of bacterial transmission by a defined and evo-
lutionarily well-adapted vector from the reservoir hosts
to new susceptible hosts. Current information leads to
the presumption of a long-standing and highly adapted
species-specific association between a given Bartonella
sp. and the preferred animal host and vector (10). Inad-
vertent infection of persons with at least 13 Bartonella
spp. has resulted in a wide spectrum of disease manifesta-
tions. After primary infection of the natural mammalian
host, a chronic, relapsing, nonclinical bacteremia occurs.
At times, in wild and stray animal populations, including
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cats, cows, and various rodent species, the prevalence of
infection within the population can approach 100% (1).
Although the geographic distribution of a specific Bar-
tonella sp. may reflect the geographic distribution of its
hosts or vectors, knowledge related to vector transmission
of Bartonella organisms remains inadequate.

Bartonella spp. DNA in Ticks

As an initial effort to define tick species that might
serve as competent vectors for transmission of Bartonella
spp., molecular epidemiology surveys to identify Bartonel-
la spp. DNA in ticks have been conducted (2). Bartonella
spp. have mostly been identified by PCR using primers tar-
geting either specific Bartonella genes like the citrate syn-
thase gene (gItA) gene, the riboflavin synthase gene, the
heat shock protein gene (groEL), the 16S-23S intergenic
spacer, the heme binding protein gene, and the cell division
protein gene or the 16S rDNA gene (Table 1). Summarized
results indicate that the proportion of ticks harboring Barto-
nella DNA can vary from low prevalences of 0.43% among
questing A. americanum ticks examined in the southeastern
United States (3) and 1.2% of . ricinus ticks collected in
the Czech Republic (24) to a prevalence as high as 60%
in I. ricinus ticks from roe deer in the Netherlands (20)
(Table 1). Bartonella spp. from various locations tend to
differ. For example, Bartonella DNA related to B. doshiae,
B. rattimassiliensis, and B. tribocorum has been identi-
fied in ticks only in Asia, B. bacilliformis—like DNA and
B. capreoli in ticks only in Europe, and B. washoensis, B.
tamiae—like DNA, and B. vinsonii subsp. berkhoffii in ticks
only in the United States (Figure).

Evidence for Co-infections in Ticks

In recent years, emphasis on the potential transmission
of multiple pathogens by an individual tick after attachment
to an animal or person has grown. While studying different
tick populations throughout the world, several researchers
have identified Bartonella DNA in conjunction with known
tick-transmitted organisms. Adelson et al. tested for the
prevalence of B. burgdorferi, Babesia microti, A. phago-
cytophilum, and Bartonella spp. in 107 1. scapularis ticks
collected in New Jersey (27). A large percentage of ticks
(45.8%) contained DNA from at least 1 of these organ-
isms, and 34.5% of ticks screened harbored Bartonella spp.
DNA. Of'the ticks positive for Bartonella by PCR, 9 (8.4%)
contained B. burgdorferi DNA, 1 (0.9%) contained B. mi-
croti DNA, 1 (0.9%) contained A. phagocytophilum DNA,
1 (0.9%) contained both B. burgdorferi and A. phagocy-
tophilum DNA, and 1 (0.9%) contained B. microti and A.
phagocytophilum DNA (27). Although the primers in this
study were originally selected for the species-specific am-
plification of B. henselae, this region of the Bartonella 16S
rDNA gene is highly conserved among many Bartonella
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spp. In a study performed in France, Halos et al. screened
92 questing I. ricinus ticks and determined that 9.8% con-
tained Bartonella DNA by using gltA-specific primers
(22). Bartonella schoenbuchensis—like DNA (96% homol-
ogy) was detected in 1 of the adult ticks tested. The authors
also reported that 1% of the ticks contained Bartonella spp.
and B. burgdorferi DNA, 4% contained Bartonella and
Babesia spp. DNA, and 1% contained Bartonella spp., B.
burgdorferi, and Babesia spp. DNA (22). Of 168 questing
adult I. pacificus ticks from Santa Cruz County, Califor-
nia, screened for Bartonella DNA, 11 (6.55%) contained

Potential for Tick-borne Bartonelloses

B. henselae genotype I DNA (31). Of the Bartonella—pos-
itive ticks, 1.19% also harbored B. burgdorferi DNA and
2.98% harbored A. phagocytophilum DNA (31). Loftis et
al. tested Carios kelleyi ticks, argasid tick species found on
bats, from residential and community buildings in lowa, for
Anaplasma, Bartonella, Borrelia, Coxiella, and Rickettsia
spp. One tick was found to contain Bartonella and Rickett-
sia DNA, and the DNA sequence was most closely related
to B. henselae (11). Recently, Sun et al. examined Haema-
physalis longicornis and I. sinensis from the People’s Re-
public of China for Borrelia, Bartonella, Anaplasma, and

Table 1. Ticks in which Bartonella spp. DNA has been found*

Prevalence of Bartonella spp.

Tick genus and species DNA in ticks, %/no. Identified Bartonella spp. Target gene Reference
Amblyomma americanum 0.43/466 individuals B. tamiae—like IGS )
Carios kelleyi 3.2/31 individuals Resembling B. henselae IGS (11)
Dermacentor occidentalis 8.3/12 pools Bartonella spp. gltA (12)
D. reticulatus 21.4/84 individuals . henselae (99% homology) and groEL (13)
B. quintana (90% homology)
D. variabilis 14.3/ 7 pools Bartonella spp. gltA (12)
Haemaphysalis flava 2.7/74 pools Bartonella spp. 16S rRNA (14)
H. longicornis 4.4/1,173 pools Bartonella spp.; 1 pool harbored B. 16S rRNA (14)
rattimassiliensis (99.2%), 1 pool
harbored B. tribocorum (98.3%)
H. longicornis 36/150 groups (60 individual fed Bartonella spp. gltA (15)
adults, 30 pools of 2 unfed adults,
and 60 pools of 5 nymphs)
Ixodes nipponensis 5.0/20 pools Bartonella spp. 16S rRNA (14)
I. pacificus 19.2 of 151 individuals B. henselae, B. quintana, B. gltA (16)
washoensis, B. vinsonii subsp.
berkhoffii, and a Bartonella cattle
strain
I. pacificus 11.6/224 pools Bartonella spp. gltA (12)
|. persulcatus 37.6/125 individuals B. henselae (99% homology) and groEL (13)
B. quintana (90% homology)
|. persulcatus 44/50 individuals in 2002 and B. henselae groEL a7)
38/50 individuals in 2003
|. persulcatus 33.3/3 pools Bartonella spp. 16S rRNA (14)
. ricinus 1.48/271 individuals B. henselae groEL, pap31, ftszZ (18)
I. ricinus 4.9/102 individuals B. henselae gltA (19)
I. ricinus 60/121 individuals Bartonella spp 16S rRNA (20)
I. ricinus A pool/12 ticks Bartonella spp 16S rDNA (21)
I. ricinus 9.8/92 individuals Bartonella spp.; 1 adult harbored B. gltA (22)
schoenbuchensis (96% homology)
I. ricinus 7.7/103 individuals B. capreoli ITS (23)
. ricinus 1.2/327 individuals Bartonella spp 16S rRNA (24)
I. ricinus Resembling B. bacilliformist (25)t
I. scapularis 2.0/203 individuals B. schoenbuchensis gltA (26)
I. scapularis 34.5/107 individuals Unidentified Bartonella spp. 16S rRNA (27)
I. scapularis B. henselae 16S rRNA (28)
I. sinensis 16.3/86 individuals Bartonella spp. gltA (15)
I. spp. 42.3/26 pools Bartonella spp. 16S rRNA 17)
I. turdus 11.1/9 pools Bartonella spp.; 1 pool harbored B. 16S rRNA (14)
doshiae (99.2% homology)
Rhipicephalus sanguineus 3.2/62 individuals B. henselae ribC (29)
Unidentified tick species Bartonella sp. IGS (30)

*|GS, intergenic spacer; gltA , citrate synthase gene; groEL, heat-shock protein gene; pap31, heme-binding protein gene; ftsZ , cell-division protein gene;

ribC, riboflavin synthase gene.
TBartonella spp. ascertained by isolation.
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Figure. Worldwide locations of ticks
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Erhlichia spp. (15). Of adult and nymphal H. longicornis
ticks collected in the cities of Benxi and Liaoyang, 36% of
150 groups (60 individual host-associated adults, 30 pools
of 2 questing adults, and 60 pools of 5 nymphs) harbored
detectable Bartonella DNA. Furthermore, 16.3% of 86 in-
dividual I. sinensis ticks (all host-associated adults) from
the cities of Tiantai, Jindong, and Jiangshan contained Bar-
tonella DNA. One tick harbored all 4 bacteria (Borrelia,
Bartonella, Anaplasma, and Ehrlichia spp. DNA), and a
second tick pool was positive by PCR for Borrelia, Barto-
nella, and Ehrlichia spp (15).

Evidence of Potential Tick Bartonella spp.
Transmission to Humans

In 1992, B. henselae infection developed in 2 previ-
ously healthy, immunocompetent men within weeks of a
tick bite (32) (Table 2). Both patients reported signs and
symptoms generally associated with B. henselae infection:
fever, muscle and joint pain, headache, and photophobia.
The first patient did not recall being bitten or scratched by
a cat, the general mode of B. henselae transmission to hu-
mans. B. henselae organisms were cultured from the blood
of both patients and confirmed by PCR. To our knowledge,
this was the first case report to suggest that ticks may be
responsible for transmission of Bartonella spp. in humans.
More recently, B. henselae was isolated from a boy who
had severe intractable migraine headaches 10 days after an
attached tick was removed from his leg, although on the
basis of seroconversion, infection with B. vinsonii subsp.
berkhoffii was suspected (9). Breitschwerdt et al. concluded
that the boy was either co-infected or chronically infected
with B. henselae, the organism isolated, and subsequently
infected with B. vinsonii subsp. berkhoffii, as reflected by
the documentation of seroconversion.
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In a clinical study, Zangwill et al. were interested in
identifying risk factors associated with development of
cat-scratch disease (33). The epidemiologic survey, per-
formed in Connecticut, contained 56 cat-scratch disease
patients and their controls (persons who owned or had
been in contact with cats). They used a modified random-
digit dialing technique to recruit controls, and they identi-
fied 60 patients with cat-scratch disease. However, of the
60 patients whose illnesses met the case definition, 4 were
not successfully matched with controls for age and cat
ownership; therefore, 56 patients and their controls were
enrolled in the case—control study. The controls did not
differ significantly from the patients by race, sex, family
size, level of maternal education, or socioeconomic status.
Answers to questionnaires suggested that cat-scratch dis-
ease was more likely to occur in patients than in controls
if the person owned a kitten, had contact with a kitten with
fleas, or had been bitten or scratched by a kitten. Of the
56 patients, 21% were also more likely than controls to
have been bitten by a tick, although bivariate analysis did
not demonstrate a significant association between tick bite
and cat-scratch disease development (33).

Other case reports have suggested potential human co-
infections with Bartonella spp. and a known tick-transmit-
ted organism. Eskow et al. described 4 cases in which pa-
tients from central New Jersey reported several neurologic
symptoms, including headache, fatigue, insomnia, and de-
pression, which may have resulted from Lyme disease
(caused by B. burgdorferi) (28). However, other causes for
their cognitive dysfunctions cannot be ruled out. Of these
4 patients, 2 had histories of Lyme disease, and 3 had B.
burgdorferi DNA in the cerebrospinal fluid (CSF). One
patient exhibited no laboratory evidence of Lyme disease,
suggesting that these symptoms might have been caused
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Table 2. Evidence of Bartonella spp. infection in persons after tick bite

Agent Tick species Tick bite Animal contact Clinical manifestation Year Reference
B. henselae Unknown Yes No cat Fever, myalgia, arthralgia, 1992 (32)
headaches, and light
sensitivity
B. henselae Unknown Yes Cat Fever, myalgia, arthralgia, 1992 (32)
headaches, and light
sensitivity
B. henselae Unknown Yes Cats and kitten ~ Cat-scratch disease signs 1993 (33)
B. henselae, Borrelia Possibly Ixodes Yes Not mentioned Low-grade fever, 2001 (28)
burgdorferi scapularis headaches, fatigue, knee
arthralgia, and insomnia
B. henselae, B. burgdorferi Possibly I. Yes Not mentioned Fever, headache, 2001 (28)
scapularis dizziness, fatigue, and
arthralgia
B. henselae, B. burgdorferi Unknown Not mentioned  Not mentioned Meningitis 2003 (34)
B. henselae or B. quintana Unknown Yes Not mentioned Fever 2003 (35)
seroreactive
B. burgdorferi, B. Unknown Yes Not mentioned Fever 2003 (35)
henselae, B. quintana
Bartonella spp. closely Unknown Yes 2005 (36)
related to B. henselae, B.
quintana
B. henselae and/or B. Unknown Yes Cats, dogs, Fatigue, insomnia, 2007 37)
vinsonii subsp. berkhoffii* potentially other arthralgia, myalgia,
animal species  headache, and/or tremors
B. henselae, and/or B. Unknown Yes Cats, dogs, Seizures, ataxia, memory 2008 9)
vinsonii subsp. berkhoffiit other animal loss, tremors, fatigue,
species and/or headaches

*Patients were also seroreactive to B. henselae and/or B. vinsonii subsp. berkhoffii.
TPatients were also seroreactive to B. henselae, B. vinsonii subsp. berkhoffii, and/or B. quintana.

by an agent other than B. burgdorferi. However, 2 patients
reported illness within 1 week to 3 months after being bit-
ten by a tick. Upon further investigation, all patients were
seroreactive to B. henselae; immunofluorescence assay
showed immunoglobulin (Ig) G titers of 64-256. Accord-
ing to the authors, B. henselae DNA was amplified from
blood of 1 patient, from CSF of 1 patient, and from both
blood and CSF of the other 2 patients (B. burgdorferi DNA
also was detected in the CSF of these 2 patients). Ticks,
identified as I. scapularis, found in 2 patients’ homes po-
tentially harbored both B. henselae and B. burgdorferi
DNA. Whether B. henselae was specifically detected in this
case series is unclear because sequencing of amplicons was
not performed and because the PCR primer set targeted the
Bartonella 16S rRNA, a highly conserved region. Without
sequencing of amplicons or confirmation of results by tar-
geting a more highly variable gene, ascertaining whether B.
henselae was present in the ticks or in the patients would
be difficult. However, the results derived from these cases
are of interest because, to our knowledge, this was the first
case series to propose simultaneous detection of both B.
burgdorferi and Bartonella DNA in the CSF of patients
with neurologic signs.

In another study, 2 of 17 patients from Poland with
symptoms suggestive of neuroborreliosis seemed to be
co-infected with B. burgdorferi and B. henselae (34). B.
burgdorferi—specific antibodies were detected in a patient
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whose CSF also had detectable B. henselae DNA. The
other patient was seroreactive to both B. burgdorferi and
B. henselae antigens at titers of 32. The authors speculated
that co-infection may be tick transmitted; however, con-
tact with other arthropod species should be considered.
Although the detection of B. henselae DNA in the CSF of
these patients could be attributed to amplification of DNA
from nonviable organisms or to laboratory error, the re-
peated documentation of B. henselae in blood and in CSF
of a young woman with a previous diagnosis of classical
cat-scratch disease support the potential that this bacterium
can cause chronic intravascular and central nervous system
infections in immunocompetent persons (9).

In a study performed in Slovenia, 86 febrile children
were screened for serologic evidence of exposure to mul-
tiple tick-borne organisms within 6 weeks of a known tick
bite (35). Acute- and convalescent-phase serum samples
were collected from each child. Prior exposure was deter-
mined for 5 children who harbored B. henselae I1gG and for
4 children who harbored B. quintana IgG. Seroconversion
of IgG to both antigens was detected for only 1 child (35).
Morozova et al. tested for Bartonella DNA in persons from
the Novosibirsk region of Russia who had been bitten by
ticks during the summers of 2003 and 2004 (38). Barto-
nella DNA closely related to B. henselae and B. quintana
was detected in the blood of some patients by using groEL-
specific primers (36). A more recent study, performed by
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Breitschwerdt et al., screened 42 immunocompetent pa-
tients, who had had prior animal and arthropod contact, for
Bartonella spp. (37) The study included 12 women and 2
men who reported having had occupational animal con-
tact for >10 years, including frequent animal bites, animal
scratches, and arthropod exposure (e.g., fleas, ticks, biting
flies, mosquitoes, lice, mites, chiggers). B. henselae or B.
vinsonii subsp. berkhoffii were detected by PCR or were
cultured from all patients (37). Case studies and surveys
of this type suggest that ticks may serve as competent vec-
tors of Bartonella spp., but this supposition cannot be con-
firmed until experimental studies demonstrating successful
transmission have been performed.

Recently, Cotté et al. detailed the potential transmis-
sion of B. henselae by I. ricinus ticks (38). Using an ar-
tificial feeding platform made of rabbit skin, the authors
successfully (based on PCR screening) infected ticks with
B. henselae of molted ticks previously fed infected blood,
suggesting that transstadial transmission may be possible.
Subsequently, molted ticks were placed onto rabbit skins
and fed noninfected blood, after which B. henselae was ei-
ther cultured or detected by PCR analysis within 72 hours
of when aliquots were taken from the previously nonin-
fected blood. This finding indicates that during a blood
meal, the organism could potentially be transferred from
an infected tick to a noninfected individual. In addition, B.
henselae bacteria were also present within molted ticks in
sufficient numbers to cause bacteremia when tick salivary
gland extracts were inoculated intravenously into domestic
cats. Because ticks were not allowed to attach directly to
the cats, this study supports, but does not prove, tick trans-
mission of B. henselae by I. ricinus. Consistent with the
transmission of Bartonella spp. by other arthropods such
as fleas and lice, B. henselae does not seem to be transo-
varially transmitted in ticks because larvae hatched from
B. henselae—positive (by PCR) egg clutches did not harbor
detectable Bartonella DNA (2,38).

Conclusions

The number of zoonotic Bartonella spp. identified in
the past 15 years has increased considerably. This review
indicates that a diversity of Bartonella spp. DNA can be
amplified from various tick species from numerous geo-
graphic locations, that tick attachment has preceded the
onset of illness in a small number of patients from whom
B. henselae DNA has been amplified, and that serologic
and molecular evidence suggests cosegregation of Barto-
nella spp. with known tick-borne pathogens. Therefore,
ticks might serve as potential Bartonella vectors. However,
there is little evidence that Bartonella spp. can replicate
within ticks and no definitive evidence of transmission by a
tick to a vertebrate host. Only Kruszewska and Tylewska-
Wiezbanowska reported successful isolation of Bartonella
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sp. from a tick (25); all other studies were based on ampli-
fication of Bartonella DNA from ticks by using PCR. As
the medical relevance of the genus Bartonella continues to
evolve, it is clearly necessary to determine whether ticks or
other arthropods play a role in the transmission of Barto-
nella spp. among animals and humans. For this reason, ex-
perimental transmission studies, using infected ticks placed
on live animals, are required to determine whether ticks are
vector competent for the transmission of Bartonella spp.

Addendum

Since the submission of this manuscript, we found 3
cases of B. henselae infection transmitted by Dermancen-
tor spp. ticks. These patients had scalp eschar and neck
lymphadenopathy (39).

Dr Angelakis is a clinician and researcher at the Unité des
Rickettsies in Marseille. His research interests are zoonotic patho-
gens.
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Serologic Markers for Detecting
Malaria in Areas of Low Endemicity,
Somalia, 2008

Teun Bousema, Randa M. Youssef, Jackie Cook, Jonathan Cox, Victor A. Alegana, Jamal Amran,
Abdisalan M. Noor, Robert W. Snow, and Chris Drakeley

Areas in which malaria is not highly endemic are suitable
for malaria elimination, but assessing transmission is diffi-
cult because of lack of sensitivity of commonly used meth-
ods. We evaluated serologic markers for detecting variation
in malaria exposure in Somalia. Plasmodium falciparum or
P. vivax was not detected by microscopy in cross-sectional
surveys of samples from persons during the dry (0/1,178)
and wet (0/1,128) seasons. Antibody responses against P.
falciparum or P. vivax were detected in 17.9% (179/1,001)
and 19.3% (202/1,044) of persons tested. Reactivity against
P. falciparum was significantly different between 3 villages
(p<0.001); clusters of seroreactivity were present. Distance
to the nearest seasonal river was negatively associated with
P. falciparum (p = 0.028) and P. vivax seroreactivity (p =
0.016). Serologic markers are a promising tool for detecting
spatial variation in malaria exposure and evaluating malaria
control efforts in areas where transmission has decreased
to levels below the detection limit of microscopy.

Sub—Saharan Africa has the highest incidence of malaria
caused by Plasmodium falciparum. Almost all areas
where P. falciparum parasite prevalence is >50% in the
general population are located in Africa (1). However, ma-
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laria is not uniformly distributed (1,2) and many parts of
Africa are characterized by low transmission intensity of
malaria (1). These areas are considered suitable for inten-
sive malaria control and disease elimination (3,4).

Assessing malaria transmission intensity and evaluat-
ing interventions are complicated at low levels of malaria
transmission. Assessing transmission intensity directly by
determining the exposure to malaria-infected mosquitoes
(entomologic inoculation rate [EIR]) is difficult when mos-
quito numbers are low, sometimes below the detection lim-
its of commonly used trapping methods (5,6), and spatial
and temporal variations in mosquito densities necessitate
long-term intensive sampling (5,7,8). Determination of ma-
laria parasite prevalence in the human population is a com-
monly used alternative (9), but it also becomes less reliable
as an indicator of transmission intensity when endemicity
is low (3,9,10). Therefore, an alternative method is needed
to assess transmission intensity, evaluate interventions, and
obtain information for control programs in areas of low en-
demicity.

Prevalence of antibodies against malaria parasites has
been explored as a means of assessing malaria transmis-
sion intensity (11-13). Antibody seroconversion rates are
less susceptible to seasonal fluctuations in malaria expo-
sure (11,12), show a tight correlation with EIR (12,13), and
show potential to detect recent changes in malaria transmis-
sion intensity (14). Serologic markers could be particularly
useful in areas of low endemicity, where it may be easier to
detect relatively long-lasting antibody responses than a low
prevalence of malaria infections in the human population or
infected mosquitoes. We used serologic markers of expo-
sure to determine spatial variation in malaria transmission
intensity in an area of low endemicity in Somalia (15).
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Methods

Study Area

This study was conducted in the Gebiley District in
Somaliland in northwestern Somalia. The district has a pre-
dominantly arid landscape with a few seasonal rivers and
patches of irrigated farmlands. It is an area of intense sea-
sonal rainfall with an average annual precipitation of 59.9
mm (2004-2007) and 2 peaks in rainfall in April and Au-
gust. Three moderately sized communities were randomly
selected from census maps by using spatial random sampling
techniques in Arcview version 3.2 (Environmental Systems
Research Institute, Redlands, CA, USA) (16). These com-
munities were the villages of Xuunshaley (9.72140°N,
43.42416°E), Badahabo (9.68497°N, 43.65616°E), and
Ceel-Bardaale (9.81777°N, 43.47455°E). The research
protocol was reviewed and approved by the Research Eth-
ics Review Committee of the World Health Organization
(RPC246-EMRO) and the Ethical Committee of the Minis-
try of Health and Labor, Republic of Somaliland.

Data Collection

Two cross-sectional surveys were conducted. The first
survey was conducted in March 2008 to determine parasite
carriage at the end of the dry season (16). The purpose of
the survey and the procedures were first discussed with the
clan elders; thereafter, each household was visited, and in-
formed consent was sought from each head of household.
Households that agreed to participate were geolocated by
using a global positioning system (Garmin eTrex; Garmin
International, Inc., Olathe, KS, USA), and information was
collected on demographic characteristics, bed net use, and
travel history of the participants. Distance to seasonal rivers
or other water bodies and distance to the nearest livestock
enclosure was determined by using the global positioning
system.

Individual written consent was obtained from all liter-
ate adults; illiterate adults provided consent by a thumbprint
in the presence of an independent literate adult witness.
For children <18 years of age, consent was obtained from
parents or guardians, and children 12—18 years of age who
could not write also provided consent by a thumb print.

One fingerprick blood sample was obtained from each
respondent for the preparation of a P. falciparum antigen—
specific rapid diagnostic test (RDT) (Paracheck-Pf; Orchid
Biomedical Systems, Goa, India) sample and thick and thin
blood smears. One-hundred high-power microscopic fields
were examined and an additional 100 fields were exam-
ined if the first 100 fields were negative. RDT results were
used for treatment with sulfadoxine-pyrimethamine and 3
doses of artesunate according to national guidelines. A sec-
ond cross-sectional survey was conducted at the end of the
wet season (August—September 2008) by using procedures
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identical to those described above, except that part of the
fingerprick blood sample was placed on filter paper (3 MM;
Whatman, Maidstone, UK) as described by Corran et al.
(7).

Entomologic Surveys

Presence of Anopheles spp. mosquitoes in the area was
determined by larvae collections in all permanent water
bodies (artificial rain water reservoirs, wells, boreholes,
stagnant storage pits, and riverbeds) in the 3 villages at the
end of the wet season. Locally produced 250-mL dippers
with a white surface were used. Five to 10 dips were made
in the large water bodies and the presence of Anopheles
spp. larvae was visually assessed and recorded.

Elution of Serum

Filter paper samples were stored at 4°C with desiccant
until processed. A 3.5-mm blood spot, equivalent to =3 puL
of blood (17), was punched from the filter paper and placed
in a labeled well of a low-binding 96-well titer plate. A to-
tal of 300 pL of reconstitution buffer (phosphate-buffered
saline [PBS], 0.05%Tween, and 0.1% [wt/vol] sodium az-
ide) was added, and plates were sealed and rocked gently
at room temperature overnight and subsequently stored at
4°C. The reconstituted blood spot solution was equivalent
to a 1:100 dilution of whole blood or a 1:200 dilution of
serum.

ELISAs

All reconstituted filter paper spots were tested at a
final serum dilution equivalent of 1:1,000 for human im-
munoglobulin G antibodies against P. falciparum mero-
zoite surface protein 1, (MSP-1,) and 1:2,000 for anti-
bodies against apical membrane antigen 1 (AMA-1) by
using described ELISA methods (12,17). Briefly, recom-
binant MSP-1 ; (Wellcome genotype) and AMA-1 (3D7)
were coated overnight at 4°C at a concentration of 0.5 pg/
mL. Plates were washed by using PBS, 0.05% Tween 20
(PBS/T) and blocked for 3 h with 1% (wt/vol) skim milk
powder in PBS/T. Positive controls (a pool of hyperim-
mune serum) and negative controls (European malaria-
negative volunteers) were added in duplicate to each plate.
The plates were washed and horseradish peroxidase—conju-
gated rabbit anti-human immunoglobulin G (Dako, Rosk-
ilde, Denmark) (1:5,000 dilution in PBS/T) was added to
all wells. Plates were developed for 20 min by using an
0-phenylenediamine dihydrochloride substrate solution.
Reactions were stopped with 2 mol/L H,SO4. Plates were
read immediately at 492 nm and optical density (OD) val-
ues recorded. For P. vivax, an identical protocol was used
with MSP-1,, (0. 5 pg/mL) (18) and AMA-1 (0. 5 pg/mL).
Serum in this protocol was used at 1:1,000 dilutions for
both antigens.
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Data Management and Statistical Analyses

Data were double-entered and imported into STATA
version 10 (StataCorp LP, College Station, TX, USA). Du-
plicate OD results were averaged and normalized against
the positive control sample on each plate. A cutoff value
above which samples were considered antibody positive
was defined by using a mixture model as described (17).
Distribution of normalized OD values was fitted as the sum
of 2 Gaussian distributions by using maximum-likelihood
methods. The mean OD of the Gaussian distribution cor-
responding to the seronegative population plus 3 SD val-
ues was used as the cutoff value for seropositivity (J. Cook
et al., unpub. data). A separate cutoff value was generated
for each antigen (MSP-1 , and AMA-1) for each species
(P. vivax and P. falciparum). The seroconversion rate was
estimated by fitting a simple reversible catalytic model to
the measured seroprevalence by age in years by using max-
imum-likelihood methods. The serologic-derived annual
EIR was then estimated by using the MSP-1,, seroconver-
sion rate and a calibration curve derived from determined
values (11).The titer of antibody responses was estimated
by using the formula dilution/[maximum OD/(OD test se-
rum — minimum OD) — 17]; the median titer and interquartile
range (IQR) are given. Because of low overall antibody
prevalence, antibody responses were combined by species
to determine the presence of any reactivity against P. falci-
parum or P. vivax. As a quantitative measure of reactivity
to either malaria species, the highest titer in the MSP-1 |
and AMA-1 ELISAs was used.

Factors associated with P. falciparum or P. vivax se-
roreactivity were determined for each village separately by
using generalized estimating equations adjusting for corre-
lation between observations from the same household. The
following factors were tested in the models: age in years,
distance to the nearest seasonal river (in 100 m), distance
to the nearest enclosure of livestock (in 100 m), number of
household members, number of houses in a 100-m radius,
roofing material, wall material, floor material, travel histo-
ry, recent or regular bed net use, and an indicator of house-
hold wealth. The household wealth index was calculated on
the basis of principal component analysis on characteristics
such as ownership of a television, radio, telephone, bicycle,
motorbike, cattle, and access to electricity (19). Variables
that were significant at p = 0.10 in univariate analyses were
added to the multivariate model and retained in the final
multivariate model if their association with immune re-
sponses was statistically significant at p<0.05.

For detection of spatial clusters in immune responses,
age-adjusted log -transformed ODs were calculated as de-
scribed by Wilson et al (20). First, Loess lines were fitted to
scatter plots of age against log-transformed ODs for each
antigen separately. For P. falciparum MSP-1  and P. vivax
AMA-1, the linear regression was split at 49 and 46 years of
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age. Log-transformed ODs were adjusted for age by linear
regression. SaTScan software (21) was used for detection
of spatial clustering in log-transformed age-adjusted OD
values by using the normal probability model. A circular-
shaped window was used to systematically scan the area of
each village separately; statistical significance of the clus-
ters was explored by using 999 Monte Carlo replications to
ensure adequate power for defining clusters. The upper limit
was specified as 50% of the village population. Significant
increases in ODs were detected by calculation of the likeli-
hood ratio for each window. Only clusters were reported
that appeared for MSP-1,;, AMA-1, and their combined
age-adjusted ODs. Maps were made by using ArcGIS ver-
sion 9.1 (Environmental Systems Research Institute).

Results

The 2 cross-sectional surveys were completed in
March (dry season, n = 1,178) and August—September (wet
season, n = 1,128) 2008. These surveys were characterized
by a clear seasonality with no rainfall detected during No-
vember 2007-March 2008 and a median monthly rainfall
of 114.5 mm in April-August 2008. None of the survey
participants were positive by rapid diagnostic test, and P.
falciparum or P. vivax parasites were not detected on any
of the examined blood slides (Table 1). Available hospital
records indicated 2/283 slide-confirmed, RDT-confirmed
malaria cases in the study area in July and August 2008
(T. Bousema, unpub. data). Travel history was not avail-
able for these persons. During August—September 2008, a
total of 464 potential breeding sites were examined in Xu-
unshaley (n =40), Badahabo (n =42), and Ceel-Bardaale (n
= 382). In Ceel-Bardaale, 158 Anopheles mosquito larvae
were found at 81 of 382 examined sites. In the 2 other vil-
lages, no Anopheles larvae were observed.

Malaria Exposure Assessed by Immunologic Methods

In August—September 2008, serum samples were col-
lected from 1,128 persons in Xuunshaley (n = 271), Ba-
dahabo (n = 160), and Ceel-Bardaale (n = 697) (Table 2).
In the 3 months before the survey, 19 persons reported
having traveled to areas that are known to have higher
malaria endemicity for a median of 4 (IQR 2-20) days.
Persons who reported traveling to areas highly endemic
for malaria were more likely to have a positive response
to P. falciparum (odds ratio [OR] 2.62, 95% confidence
interval [CI] 0.98-7.01, p = 0.054) but not to P. vivax
(OR 1.18, 95% CI 0.42-3.32, p = 0.75), after adjustment
for age and village of residence. These 19 persons were
excluded from further analyses.

All antigens tested showed a clear increase in sero-
prevalence with a person’s age (Figure 1). The data did not
suggest a recent reduction in malaria transmission inten-
sity (14). The EIR for P. falciparum based on seroconver-
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Table 1. Characteristics of persons included in cross-sectional survey for Plasmodium falciparum and P. vivax infection, Somalia,

2008*

Characteristic Dry season, Mar—Apr End of wet season, Aug-Sep
No. persons 1,178 1,128

Age, y, median (IQR) 17 (6-36) 15 (6-37)

Female 48.6 (573/1,178) 50.8 (573/1,128)

Reported regular bed net use

Reported fever in 14 d preceding survey
Temperature >37.5°C at time of survey
Positive rapid diagnostic test result
Plasmodium falciparum parasite prevalencet
P. vivax parasite prevalencet

1.9 (22/1,158)
4.8 (57/1,179)
0.8 (10/1,177)

2.2 (25/1,128)
0.6 (7/1,128)
1.1 (12/1,124)

0 (0/1,173) 0 (0/1,106)
0 (0/1,173) 0 (0/1,106)
0 (0/1,173) 0 (0/1,106)

*IQR, interquartile range (25th—75th percentile). Values are % (no. positive/no.
‘tDetermined by screening 200 high-power microscopic fields.

tested) unless otherwise indicated.

sion rates for MSP-1 ; and AMA-1 (11) was <0.1 infec-
tious bites/person/year. When MSP-1,; and AMA-1 data
were combined, 17.9% (179/1,001) of the persons tested
showed reactivity against P. falciparum (i.e., had antibod-
ies against P. falciparum MSP-1 ,, AMA-1, or both) and
19.3% (202/1,044) against P. vivax. There was a significant
positive association between reactivity against P. falcipar-
um and P. vivax (p<0.001). However, only 39.8% (66/166)
of persons with antibodies against P. falciparum also re-
sponded against P. vivax antigens, and there was no appar-
ent correlation between antibody titers against antigens of
the 2 malaria species (p>0.58).

Spatial Patterns in Seroreactivity

P. falciparum antibody prevalence was 9.4% (23/244)
in Xuunshaley, 21.7% (30/138) in Badahabo (p = 0.001),
and 20.4% (126/619) in Ceel-Bardaale (p<0.001) (Table
2). P. vivax antibody prevalence was 16.1% (40/248) in
Xuunshaley, 21.0% (31/148) in Badahabo (p = 0.11), and
20.2% (131/648) in Ceel-Bardaale (p = 0.13) (Table 2).

Age-adjusted P. falciparum seroreactivity was signifi-
cantly increased in a cluster of 18 households (108 persons)

in Ceel-Bardaale (p = 0.002) (Figure 2). In Xuunshaley,
there was a small cluster of 6 households (27 persons) with
a higher age-adjusted P. vivax seroreactivity (p = 0.005).

Factors Associated with Seroreactivity

Seroreactivity data were analyzed for villages sepa-
rately because villages were >7 km apart and were therefore
likely to have their own transmission characteristics. In all 3
villages, P. falciparum antibody prevalence increased with
age (Table 3). For Ceel-Bardaale, an independent negative
association was found between P. falciparum antibody re-
sponses and distance to the nearest seasonal river (OR 0.94,
95% CI 0.88-0.99, p = 0.03) after adjustment for age and
correlation between observations from the same household.
Within the group of persons who had a positive antibody
response against P. falciparum, the titer increased with age
in Xuunshaley (B = 1.74, SE = 0.81, p = 0.031) and Ceel-
Bardaale (fp = 11.48, SE =3.49, p=10.001).

Similar to P. falciparum, P. vivax antibody prevalence
increased with age in all 3 villages (Table 3). For Ceel-
Bardaale, distance to the nearest seasonal river was nega-
tively associated with P. vivax immune response (OR 0.93,

Table 2. Immune responses against Plasmodium falciparum and P. vivax in study participants, by village, Somalia, 2008*

Villaget
Characteristic Xuunshaley Badahabo Ceel-Bardaale p valuet
No. persons 271 160 697
Median age, y (IQR) 20 (7-40) 17.5 (5-35) 13 (6-35) 0.04
P. falciparum immune response
Combined 9.4 (23/244) 21.7 (30/138) 20.4 (126/619) <0.001
MSP-1 5.1 (13/254) 13.4 (19/142) 15.0 (95/634) <0.001
251.2 (155.0-285.3) 214.8 (169.8-275.5) 248.5 (190.5-397.2) 0.12
AMA-1 4.8 (12/252) 9.2 (13/141) 8.9 (58/653) 0.02
169.1 (137.0-190.9) 189.3 (158.4-225.5) 233.7 (170.7-487.0) 0.12
P. vivax immune response
Combined 16.1 (40/248) 21.0 (31/148) 20.2 (131/648) 0.33
MSP-1 11.9 (30/252) 13.9 (21/151) 10.4 (58/648) 0.33
333.9 (271.4-463.9) 342.4 (280.1-374.8) 291.5 (248.7-393.3) 0.39
AMA-1 5.2 (13/252) 7.4 (11/149) 12.8 (85/665) 0.001
151.5 (146.0-202.1) 183.5 (155.7-275.7) 227.1 (184.6-390.8) 0.10
*IQR, interquartile range (25th—75th percentile); MSP-1, merozoite surface protein 1; AMA-1, apical membrane antigen 1.
tValues are % prevalence (no. positive/no. tested) or approximate median titer (IQR) only for seropositive persons unless otherwise indicated.
FAdjusted for age and correlations between observations from the same household, when applicable.
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Table 3. Factors associated with Plasmodium falciparum or P. vivax seroprevalence in 3 villages, Somalia, 2008*

P. falciparum P. vivax
Village Factor OR (95% ClI) p value OR (95% CI) p value
Xuunshaley Age 1.02 (1.00-1.04) 0.029 1.04 (1.02-1.06) <0.001
Badahabo Age 1.03 (1.01-1.05) 0.002 1.03 (1.01-1.05) 0.006
Ceel-Bardaale Age 1.03 (1.02-1.04) <0.001 1.03 (1.02-1.04) <0.001
Distance to rivert 0.94 (0.88-0.99) 0.028 0.93 (0.88—0.99) 0.016

*OR, odds ratio; CI, confidence interval. Estimates are adjusted for correlation between observations from the same household.

TNearest seasonal river.

95% CI 0.87-0.99, p = 0.02) after adjustment for age and
correlation between observations from the same household.
P. vivax antibody titer did not increase with age or any oth-
er factor in those persons who were seropositive. House-
hold factors, socioeconomic factors, distance to the nearest
livestock enclosure, and use of mosquito netting were not
independently associated with immune responses against
P. falciparum or P. vivax.

Although seroprevalence and antibody titers were
higher in older age groups, seroreactivity was also observed
in young children. P. falciparum antibodies were detected
in 22 children <5 years of age (median titer 216.5, IQR
173.2-248.5); 10 had antibodies against P. vivax (median
titer 220.1, IQR 190.4-262.4), and 2 of these children had
antibodies against P. falciparum and P. vivax. Thirty chil-
dren <5 years of age who responded to malaria antigens
were from all 3 villages (3 from Xuunshaley, 7 from Bada-
habo, and 20 from Ceel-Bardaale). Travel to areas in which
malaria was highly endemic in the past 3 months was not
reported for any of these children with antibodies against P.
vivax, P. falciparum, or both. In children <5 years of age, a
response against P. falciparum antigens was not related to
a response against P. vivax antigens (p = 0.30).

Discussion

We showed that serologic markers can be used to de-
tect heterogeneity in malaria transmission in the Gebiley
District of Somalia where malaria transmission occurs at
levels too low to be detected by microscopy. None of the
slides or rapid diagnostic tests showed parasite carriage in
the population, and MSP-1,; and AMA-1 seroprevalence
data showed a clear increase in seroreactivity with age and
evidence for variation in exposure to malaria between and
within villages.

Malaria is perceived as a public health problem in the
study area (22), and the 2 slide-confirmed malaria cases con-
firm local clinical malaria episodes. Malaria transmission
in the Gebiley District could not be confirmed by micros-
copy or RDT in 2 large cross-sectional surveys in the gen-
eral population. However, our serologic findings confirmed
the occurrence of malaria transmission in the area. Using a
validated model to relate age-specific seroconversion rates
to EIR (11), we estimated that P. falciparum transmission
intensity in this area in Somalia was low (EIR <0.1 infec-
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tious bites/person/year). Because of the longevity of anti-
body responses, this estimate should be interpreted as an
average EIR experienced over several years. The low EIR
appeared to be supported by examination of breeding sites
at the end of the wet season, which confirmed the presence
of malaria vectors at a low density. We did not directly de-
termine the EIR by sampling adult mosquitoes because the
low density of mosquitoes would have required intensive
sampling over different seasons (6,23).

Serologic data showed a clear age-dependency in
malaria-specific immune responses, which suggested ex-
posure-driven age acquisition of antibody response. Once
acquired, antibody responses to MSP-1,; and AMA-1 will
persist for several years (L.C. Okell, unpub. data) (12), and
the rate of acquisition in younger age groups is therefore
critical for determining current malaria transmission in-
tensity. The maximum seroprevalence for individual ma-
laria antigens did not exceed 25% in the oldest age groups,
which is comparable to areas of low malaria endemicity in
northeastern Tanzania (12).

Because of the longevity of antibody responses, sero-
reactivity may not necessarily be the result of recent ex-
posure or exposure in the study area (11,24-26). Consid-
erable changes in transmission intensity in the study area
would have been detected by the model (14). However,
especially in adults, exposure to parasites earlier in life and
a history of traveling to malaria-endemic areas can obscure
immune responses resulting from recent local transmission
(25). Our data indicate that although antibodies may have
been acquired outside the study area, ongoing local ma-
laria transmission at a low intensity is likely. Elimination
of false-positive results to reliably detect low-level local
malaria transmission is necessary.

Cross-reactivity between immune responses to malaria
and other parasites have been reported (27,28) but are ex-
pected to be more pronounced when whole parasite extract
is used instead of recombinant proteins representing single
antigens. The chance of cross-reactive antibody responses
may be minimized by using sera at a minimum dilution of
1:80 (27). Our serum samples were tested at considerably
higher dilutions and we observed no relation in antibody
titers between the homologous antigens of P. falciparum
and P. vivax. Moreover, our method for calculating sero-
positivity derives its seronegative population from within
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Figure 1. Seroprevalence data for antibodies against A) Plasmodium falciparum merozoite surface protein 1,; (MSP-1,), B) P. falciparum

apical membrane antigen 1 (AMA-1), C) P. vivax MSP-1,,

and D) P. vivax AMA-1 by age in the study population, Somalia, 2008. Gray

lines indicate 95% confidence intervals. Seroconversion rates (95% confidence intervals) were as follows: P. falciparum MSP-1,; 0.0082
(0.0068-0.097); AMA-1 0.0053 (0.0042—0.0066); P. vivax MSP-1,; 0.0086 (0.0055-0.0133); AMA-1 0.0075 (0.0050-0.0112).

the study sample, thereby minimizing bias caused by local
cross-reactive antigens. Although this method does not rule
out cross-reactive antigens, it makes it unlikely. Antibody
responses in young children who are unlikely to have ac-
quired infections outside the study area, and for whom no
recent travel history was reported, also suggest recent ma-
laria transmission. In our study area, several children <5
years of age had antibody titers >200 to P. falciparum (n =
17) or P. vivax (n = 6). The presence of strong antibody re-
sponses (indirect fluorescent antibody titer >20) in children
<15 years of age was used as evidence for active transmis-
sion of malaria in area of low endemicity in Middle Amer-
ica (Costa Rica) (25,26).

The indication for local malaria transmission we pro-
vide in this study is relevant for local health workers who
should be prepared for fever investigations with standard
parasitologic techniques (microscopy and RDT). Malaria
should be considered as a plausible cause of febrile illness,
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particularly in an epidemic form. Low-intensity malaria
transmission and the presence of malaria vectors make the
area susceptible to malaria epidemics, which can have a
high mortality rate in resource-poor areas (29), especially
if outbreak detection systems (30) are not feasible because
of a poor health infrastructure.

We observed heterogeneity in seroreactivity within the
study area. Although the 3 villages had low transmission
intensity and showed no difference in microscopic parasite
carriage, serologic markers showed variation in malaria
exposure. Antibody prevalence against P. falciparum and,
less markedly, P. vivax were lowest in Xuunshaley, which
was furthest from seasonal rivers. Combined P. falciparum
MSP-1 , and AMA-1 antibody prevalence was 2x higher in
Badahabo and Ceel-Bardaale than in Xuunshaley. SaTScan
analysis indicated heterogeneity in malaria exposure at a
microepidemiologic level. We observed 1 statistically sig-
nificant cluster of persons with higher seroreactivity against
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Figure 2. Age-adjusted optical density (OD) values for antibodies
against Plasmodium falciparum in the study population, Ceel-
Bardaale, Somalia, 2008. Colored dots indicate mean age-adjusted
optical densities per household for combined seroreactivity to P.
falciparum merozoite surface protein 1, and apical membrane
antigen 1. The large circle indicates a statistically significant
cluster of higher P. falciparum seroreactivity that was detected
by a spatial scan on the age-adjusted seroreactivity of individual
study participants to both P. falciparum antigens (p = 0.002). As a
result of age adjustment, some persons had lower than expected
seroreactivities. This adjustment resulted in negative OD values.

P. falciparum and 1 with higher seroreactivity against P.
vivax. In Ceel-Bardaale, where houscholds were scattered
along a delta of seasonal rivers, antibody prevalences to P.
falciparum and P. vivax were negatively associated with
distance to the nearest river. In several areas of higher en-
demicity, distance to the nearest body of water has been
related to malaria incidence (5,20,31,32) and immune re-
sponses (20,32). No other factors were significantly related
to malaria-specific immune responses.

Our data indicate that serologic markers can be used
to determine variation in transmission intensity at levels
of malaria transmission that are too low for sensitive as-
sessments by microscopy, RDT, or entomologic tools.
The sensitivity of serologic analysis to detect small-scale
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differences in transmission intensity may prove extreme-
ly useful in evaluating malaria control programs in areas
where conventional malariometric markers fail. It may
also provide vital information on which areas are most
likely to be receptive to transmission if malaria epidemics
were to occur.
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Infection of Kissing Bugs with
Trypanosoma cruzi, Tucson,
Arizona, USA

Carolina E. Reisenman, Gena Lawrence, Pablo G. Guerenstein,! Teresa Gregory, Ellen Dotson,
and John G. Hildebrand

Triatomine insects (Hemiptera: Reduviidae), commonly
known as kissing bugs, are a potential health problem in
the southwestern United States as possible vectors of Try-
panosoma cruzi, the causative agent of Chagas disease.
Although this disease has been traditionally restricted to
Latin America, a small number of vector-transmitted autoch-
thonous US cases have been reported. Because triatom-
ine bugs and infected mammalian reservoirs are plentiful in
southern Arizona, we collected triatomines inside or around
human houses in Tucson and analyzed the insects using
molecular techniques to determine whether they were in-
fected with T. cruzi. We found that 41.5% of collected bugs
(n = 164) were infected with T. cruzi, and that 63% of the
collection sites (n = 22) yielded >1 infected specimens. Al-
though many factors may contribute to the lack of reported
cases in Arizona, these results indicate that the risk for infec-
tion in this region may be higher than previously thought.

hagas disease is endemic throughout Mexico and Cen-

tral and South America, with =7.7 million persons
infected, 108.6 million persons considered at risk, 3-3.3
million symptomatic cases, an annual incidence of 42,500
cases (through vectorial transmission), and 21,000 deaths
every year (1-3). This disease is caused by the protozoan
parasite Trypanosoma cruzi, which is transmitted to hu-
mans by blood-sucking insects of the family Reduviidae
(Triatominae). Although mainly a vector-borne disease,
Chagas disease also can be acquired by humans through
blood transfusions and organ transplantation (2-6), con-
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genitally (from a pregnant woman to her baby) (7), and
through oral contamination, e.g., foodborne (8). Acute
infection can be lethal, and cardiomyopathy develops in
25%-30% of infected persons (1). Although neither a vac-
cine against infection nor a completely effective treatment
for chronic Chagas disease currently exists (2,9), treatment
is now recommended for acute infections, congenital infec-
tions, infections in immunosupressed persons, and infec-
tions in children (10).

Although historically Chagas disease has been consid-
ered restricted to Latin America (1,3), the disease is becom-
ing a serious health issue in the United States because of
the presence of a notable number of blood donors seroposi-
tive for T. cruzi (11-13). Notably, a small number of the
seropositive blood donors have never left the United States.
Only 7 autochthonous cases of this disease have been re-
ported in the United States, all in the southern half of the
country (14-19). The most recent reported case of autoch-
thonous transmission of T. cruzi occurred in 2006 near New
Orleans, Louisiana (18). Many cases of Chagas disease in
the United States, however, may be overlooked because the
early phase of the infection is often asymptomatic (9,16),
and health professionals are largely unaware of this disease.
In Arizona, humans may be at a greater risk for vectorial
transmission of the disease than previously thought because
human populations are rapidly expanding into habitats
where infected triatomines (20-22) and wild mammalian
reservoirs such as packrats, mice, armadillos, raccoons, and
opossums (23-27) are plentiful. Chagas disease is actively
transmitted in domestic cycles involving dogs in southern
Texas (20,28), where >50% of triatomines collected inside
or near the homes of persons were found to be infected with

Current affiliation: Consejo Nacional de Investigaciones Cientificas
y Técnicas, Diamante, Argentina.
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T. cruzi (19,20). Studies conducted many decades ago found
that triatomines in California, Arizona, and New Mexico
were also infected with T. cruzi (22-25,29).

Arizona is noteworthy as the state with the high-
est number of triatomine—human contacts reported in the
United States (American Association of Poison Control
Centers, www.aapcc.org/DNN; Arizona Poison and Drug
Information Center, University of Arizona Health Sciences
Center, www.pharmacy.arizona.edu/outreach/poison). In
southern Arizona, triatomine bugs live in association most-
ly with the white-throated woodrat (Neotoma albigula)
(24,26). Triatomine bugs have wingless nymphal stages
and winged adults. During their dispersal season (begin-
ning of May through July), adult insects, attracted by light,
reach human habitations (30-32). Triatoma rubida is by
far the most common species (Figure 1), but T. protracta
and T. recurva are also found (30,32). T. rubida was asso-
ciated with a clinical case of Chagas disease in the city of
Guaymas, Mexico, although this bug is perhaps a different
subspecies than the one found in Arizona (33).

To our knowledge, the most recent comprehensive
studies about the infection rates by T. cruzi in triatomines
from Arizona were conducted >45 years ago (21,22), by us-
ing microscopy to detect the presence of live parasites in the
insect’s gut or feces. In 1943, Wood (22) found an overall
infection rate of 4% in triatomines (28 of 699) from Arizona
collected over a 3-year period. In 1964, Bice (21) collected
triatomines from packrat dens in what is today a densely
populated area in metropolitan Tucson, Arizona, and found
that 7.5% and 19.5% of T. rubida and T. protracta bugs, re-
spectively, were infected with T. cruzi (21). A recent study
that used molecular methods, but was based on a small sam-
ple, found that 1 in 4 T. protracta and 0 of the 20 T. rubida
bugs examined were infected with T. cruzi (34).

To estimate the current potential of vectorial transmis-
sion of T. cruzi disease in southern Arizona, we investigated
the infection rate of triatomines collected inside and around
houses in metropolitan Tucson (Pima County), Arizona. Tuc-
son is the second largest metropolitan area in Arizona with
a population (as of 2007) of 1,003,235, of which 462,103
persons live in areas where triatomines are plentiful (35).

Materials and Methods

Collection of Insects

Triatomine insects were obtained by issuing pub-
lic requests asking residents of metropolitan Tucson
(32°13'18"N, 110°55'35""W), Arizona, to collect bugs
found inside or around their houses. Insects that reach
houses, as opposed to those directly collected from nests
of wild animals, are of greatest epidemiologic importance
because they have the highest chance of contact with hu-
mans. Collectors were instructed to use a container and
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Photograph by C. Hedgcock.

Figure 1. Adult female kissing bug of the species Triatoma rubida,
the most abundant triatomine species in southern Arizona. Scale
bar=1cm.

not to touch or handle the insects with their bare hands,
and they were usually informed about the way that Chagas
disease is transmitted. In a preliminary study conducted in
2005, we found that some triatomine bugs were infected
with T. cruzi (C.E. Reisenman et al., unpub. data). We
therefore conducted a more extensive study in 2006. For
each bug, we recorded, whenever possible, the collection
site (address), insect species, stage, sex (if adults), and date
of collection as well as any other information the collec-
tor provided. Collected insects were individually placed
in 95% ethanol immediately after collection or upon death
and stored at 4°C until analysis. Insects were collected dur-
ing May 15-December 18, 2006.

Analysis of T. cruzi

Each insect was analyzed by PCR for the presence
of T. cruzi. Before analysis the insect was removed from
ethanol and dried overnight in a petri dish to remove traces
of ethanol before DNA extraction. The lower abdomen of
each bug was detached with a sterile razor blade and ho-
mogenized with a ceramic ball, or placed in a 1.5-mL mi-
crofuge tube with phosphate-buffered saline (<80 uL) and
homogenized with a hand-held mortar.

DNA was extracted following the instructions provided
with the QiaAmp DNA Blood Mini Kit (QIAGEN 51106;
QIAGEN, Valencia, CA, USA). The DNA was amplified by
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PCR according to an established T. cruzi sample-processing
protocol (36) by using the T. cruzi—specific primers TCZ1
(5'-CGAGCTCTTGCCCACACGGGTGCT-3") and TCZ2
(5'-CCTCCAAGCAGCGGATAGTTCAGG-3'),  which
amplify 188 bp of a repetitive nuclear sequence (15). For
the minicircle locus, DNA was amplified by using primers
S35 (5-AAATAATGTACGGGKGAGATGCATGA-3')
and S36 (5'-GGGTTCGATTGGGGTTGGTGT-3") (37),
which amplify a 330-bp minicircle sequence. A 50-pL
reaction containing 0.4 pM of each primer, 2040 ng of
template DNA, and DNA polymerase (GoTaq; Promega,
Madison, WI, USA, or Platinum Tagq; Invitrogen, Carlsbad,
CA, USA) was prepared. Primers for PCR were made at the
Centers for Disease Control and Prevention (Atlanta, GA,
USA) core facility or acquired from Invitrogen. The cy-
cling parameters for the reactions with the TCZ1 and TCZ2
primers were as described (36). The cycling parameters for
the reactions that used the S35 and S36 primers were an ini-
tial denaturation at 95°C for 10 min, 35 cycles of amplifica-
tion at 95°C (30 s each), 58°C (30 s each) and 72°C (1 min
each), and a final extension at 72°C for 10 min. Samples
were processed in a Mastercycler Gradient Thermocycler
Machine (Eppendorf, Hauppauge, NY, USA) or an iCy-
cler (Bio-Rad, Hercules, CA, USA). PCR products were
subjected to electrophoresis on 1.5% agarose gels, stained
with ethidium bromide, and visualized by using UV tran-
sillumination with Alphalmager program (Alpha Innotech,
San Leandro, CA, USA). All PCRs were run with a posi-
tive control of known T. cruzi DNA and with a negative
control in which template DNA was omitted. Results that
were positive for both sets of primers were considered posi-
tive. If a sample was positive for only 1 set of primers, then
the products of the PCR were cloned (pGem-T Easy Vec-
tor System; Promega) and sequenced (Big Dye Termina-
tor, v1.1 and ABI 31 30xl Genetic Analyzer; Applied Bio-
systems, Foster City, CA, USA). Cloned sequences were
compared with sequences in GenBank to determine if the
amplified sequence belonged to the T. cruzi genome. A ran-
dom sample of =15% negative samples (n = 11) was ana-
lyzed along with positive samples to exclude the possibility
of false-negative samples.

Results

Insect Collection and Demographics

A total of 164 triatomine bugs (158 [96.3%] T. rubida,
5 [3%] T. recurva, and 1 [0.6%] T. protracta) were col-
lected by volunteers and analyzed for T. cruzi. Most of
the collected T. rubida were adults (93.6%, n = 151). Of
the 141 adult T. rubida identified by sex, 87 were females
(62%) and 54 were males (38%). The proportion of females
to males was statistically different froma 1:1 sex ratio (> =
8.2,df=1, p=0.004).
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Twenty-two collectors provided a total of 142 insects,
with each collector contributing a variable number of in-
sects per night (range 1-10, median 2). A single collector
provided 73 insects collected on 16 nights throughout the
dispersal season. Twenty-two additional bugs were col-
lected by an unknown number of anonymous persons. In-
formation about the specific location where insects were
collected was obtained for 84% (n = 139 insects provided
by 19 collectors) of the insects. These 139 insects (all T.
rubida) were obtained from 17 collection sites distributed
in 6 of the 8 metropolitan Tucson areas corresponding to
the cardinal and ordinal points of the compass, and from
2 collection sites in central Tucson (Table). Because in-
sects were collected by volunteers rather than by using
systematic collection methods (i.e., light traps set up in
all geographic areas), the information in the Table serves
the sole purpose of reporting where insects were collected
and does not constitute an estimate of the abundance of
insects per area.

Adult T. rubida insects were collected in or around
houses from mid-May through the end of August (Figure
2). Most adults were collected in the last days of May
and first week of June (Figure 2, panel B); a total of 61%
of insects were caught during May 25—-June 8. This peak
in insect collections coincides with a typical, sustained
increase in minimum temperatures that enables insects to
fly at night (32) (Figure 2, panel A). Bugs were collected
steadily throughout the last week of June; only 13 adults
(8%) were collected during the rest of the dispersal sea-
son, which extends to the end of August. Although insects
were not collected by using systematic methods, peak col-
lection periods coincide with the peak dispersals reported
by Ekkens (32).

Analysis of Infection by T. cruzi

We found that 68 (41.5%) of the 164 bugs collected
were infected with T. cruzi. Twenty-four (35%) of the
samples were positive by both set of primers and therefore

Table. Collection sites and collected insects per area, triatomine
insects survey, metropolitan Tucson, Arizona, USA, 2006*
No. collection sites No. insects collected
(% with insects infected (% infected

Area with Trypanosoma cruzi) with T. cruzi)
Central 2 (100) 2 (100)
North 1(0) 2 (0)
Northeast 1 (100) 2 (50)
Northwest 6 (66) 14 (43)
South 0 0
Southeast 3 (66) 11 (45)
Southwest 2 (100) 19 (42)
East 0 0
West 4 (100) 88 (40)

*Information about collection sites was obtained for 139 of the 164 bugs
collected. An individual collector from the western area provided an
unusually large number of insects (n = 73).
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were considered positive. The remaining 44 (65%) posi-
tive samples were positive for S35/S36 only, but all of
them were confirmed positive by cloning and sequencing,
thus excluding the possibility of false-positive results. No
samples were positive for TCZ1/TCZ2 and negative for
S35/836.

Of the 22 identified sites or houses where insects were
collected, 14 (63%) had at least 1 bug infected with T. cruzi.
Infected bugs were found in 7 of 8 areas, including central
Tucson (Table). The percentage of infected bugs per area
was variable (median 43%, range 0%-100%), likely due
to the low number of bugs (1-2) collected in certain areas
(e.g., central, north, northeast). The mean + SD percent-
age of infected bugs per area, considering only those areas
where >10 insects were collected, was 42.5% + 1.0% (4
geographic areas, n = 132 insects). Similarly, to estimate the
prevalence of infection per collection site, we selected sites
where at least 5 bugs were collected. The mean + SD num-
ber of infected bugs per collection site was 47.2% + 5.7% (n
=7 collection sites in 4 geographic areas, n = 120 insects).
This percentage was slightly higher (48.8 = 6.6%, n =6 col-
lection sites) when a site where a large number of bugs were
collected (n = 73) was excluded from the analysis.

The prevalence of infection by T. cruzi among triatom-
ine species was variable, as reported (21), although a larger
sample is necessary to confirm this prevalence. Forty-one
percent of T. rubida (n = 158) bugs, 60% of T. recurva (n
= 5) bugs, and the single T. protracta bug collected were
infected with T. cruzi. Because only a few T. recurva and
T. protracta bugs were collected, we restricted all further
analysis to T. rubida. Forty-two percent of nymphs (n = 7),
40.1% of females (n = 87), and 40.0% of males (n = 54) of
T. rubida were found to be infected with T. cruzi. Among
adults, the probability of infection was independent of sex
(x*=0.015, df = 1, p>0.9, by y* contingency analysis). In-
fected bugs were found throughout the year; the median
number of infected insects per 5-day collection period dur-
ing the dispersion season (mid-May through mid-July) was
27% (range 17%—67%).

Discussion

To our knowledge, almost no information has been
collected during the last half-century on the incidence of
infection by T. cruzi in triatomine bugs from Arizona (but
see below). We found that 41.5% of the 164 collected bugs,
most of which were T. rubida, were infected with T. cruzi,
and that 63% of houses or sites where insects were collected
had at least 1 specimen infected. Most bugs collected were
adults, and this winged life stage is known to be the main
driver of dispersal (38). Although most bugs were collected
inside or around human houses from May through the end
of June, infected bugs were collected throughout the pe-
riod of study. Specimens of the less abundant species T.
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Figure 2. Temporal pattern of adult Triatoma rubida insects
collected in metropolitan Tucson, Arizona, USA, May—-August,
2006. A) Average minimum daily temperature recorded in 2006
during the period shown (data obtained from www.wrh.noaa.gov/
twc/climate/reports.php). B) Percentages of all adults (n = 134),
males (n = 52), and females (n = 82) collected during the period,
in 5-day intervals (e.g., the percentage of insects collected during
May 15-19 is represented on May 17). Information about sex or
collection date was not available for 16 adults, so they were not
included in this plot.

recurva and T. protracta were also found to be infected.
Samples that were positive with only 1 set of primers were
confirmed by sequencing of the amplified DNA, excluding
the possibility of false-positive results. In contrast with our
results and previous research by others (21,22), a recent
study found that none of the T. rubida bugs collected in
the Tucson area were infected with T. cruzi (34). This dis-
crepancy might be explained by the use of a different set of
primers, the low numbers of insects examined (n =20 in the
aforementioned study), or bias in the insect sample, such as
few collection sites. Furthermore, the infection rate report-
ed here is much higher than that reported in earlier studies
in Arizona, which ranged from 4% to 9% (22,24,29). Those
studies were conducted by using microscopy that visual-
ized the presence of the parasite in the insect gut; therefore,
discrepancies maybe be attributed to differences in the sen-
sitivity of the methods used (e.g., 16).

The infection rates reported in this study, however, are
in line with those reported in other recent systematic stud-
ies. For instance, 51% of triatomines (mostly T. gerstaeck-
eri) collected from several areas in Texas were infected
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(n = 241), with many insects found near human dwellings
(19). In Guaymas, in northwestern Mexico, 81% of T. ru-
bida collected in houses and in the peridomicile (n = 279)
were infected with T. cruzi (39). The fact that in that region
adults and juveniles of T. rubida were found inside hous-
es indicates a progressive domiciliation of this otherwise
wild species, probably related to housing developments
in triatomine habitats (39). In our study, immature stage
(nymphs) insects collected inside houses were also infect-
ed, but the numbers are too small to draw any definitive
conclusions. If these houses are sites of bug colonization,
then the risk for human infection may be higher than in
houses where only adult insects were found and removed.
Nevertheless, because most immature insects in our study
were found 1-4 months after the peak of dispersion (i.e.,
they are likely the offspring of adults that invade houses
earlier) rather than consistently throughout the year, T. ru-
bida bugs do not appear to be in the process of becoming
domiciliated in Arizona.

Why have there been no reports of autochthonous
cases of Chagas disease in Arizona despite our finding that
41.5% of bugs are infected with T. cruzi? In southern Ari-
zona, triatomines live in close association with the sylvatic
animal reservoirs upon which they feed (26) and apparent-
ly have a low capacity for domiciliation, although juvenile
insects (the offspring of dispersing adults) can be found in
houses near beds and readily feed on humans if necessary.
Good housing conditions (e.g., lack of crevices in walls or
ceilings) do not favor the permanent domiciliation of the
insects, but this may not be the case in rural areas where
housing materials provide shelter for the insects. Under
those circumstances, colonization of human habitats might
be favored because at least half of dispersing adults were
female and likely gravid (C.E. Reisenman, unpub. data). In
principle, the parasite can be transmitted to humans when
infected insects that invade houses defecate on the skin
of a human host upon feeding. Although a recent study
reported that T. rubida and T. protracta do not defecate
while feeding (34), our current investigations indicate that
this is not the case for T. rubida bugs in all stages and for
both sexes (C.E. Reisenman, unpub. data). Pet dogs can
become infected by contamination with excreta but also by
contact with the oral mucosa when they instinctively chew
insects that might be infected (40).

Other reasons that might explain why Chagas disease is
so rare in the United States are the following: misdiagnosis
of the early infection (9,16), low insect vectorial capacity
(34), or low infectivity of the genetic lineage of the T. cruzi
parasites present in local insects and mammals, although
this remains to be investigated. Bice (21) showed the pres-
ence of T. cruzi parasites in the heart muscle of a mouse
inoculated with feces from an adult T. rubida bug collected
in the Tucson area. Should the lineage of T. cruzi present
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in southern Arizona correspond to that associated with the
pathogenic form of Chagas disease, the data presented here
suggest that vectorial transmission of the disease in the area
is possible.
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Surveillance for West Nile Virus In
American White Pelicans, Montana,
USA, 2006-2007

Gregory Johnson, Nicole Nemeth, Kristina Hale, Nicole Lindsey, Nicholas Panella,
and Nicholas Komar

West Nile virus (WNV)—associated deaths of American
white pelican (Pelecanus erythrorhynchos) chicks have been
recognized at various nesting colonies in the United States
since 2002. We evaluated American white pelican nesting
colonies in Sheridan County, Montana, USA, for an associa-
tion between WNV-positive pelican carcasses and human
West Nile neuroinvasive disease. Persons in counties host-
ing affected colonies had a 5x higher risk for disease than
those in counties with unaffected colonies. We also investi-
gated WNV infection and blood meal source among mosqui-
toes and pelican tissue type for greatest WNV detection effi-
cacy in carcasses. WNV-infected Culex tarsalis mosquitoes
were detected and blood-engorged Cx. tarsalis contained
pelican DNA. Viral loads and detection consistency among
pelican tissues were greatest in feather pulp, brain, heart,
and skin. Given the risks posed to wildlife and human health,
coordinated efforts among wildlife and public health authori-
ties to monitor these pelican colonies for WNV activity are
potentially useful.

fter West Nile virus (WNV; family Flaviviridae, ge-

nus Flavivirus) was detected in the Great Plains of the
United States in 2002, programs were initiated to identify
the spatial distribution of WNV transmission risk through-
out the region. Surveillance activities included compiling
case counts for human and equine disease, and testing
mosquitoes, avian carcasses, and sentinel chicken serum
samples for WNV infection. Corvid (primarily crows and
magpies) death surveillance was an effective early warn-
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ing system for human disease shortly after WNV was de-
tected in this region (1). However, carcasses of numerous
other bird species also were positive for WNV (2). Avian
deaths caused by WNYV infection typically result in wide-
ly dispersed carcasses; for the extent of these deaths to
be recognized, substantial public cooperation is required
in reporting deaths (3). In contrast to this cryptic pattern
of deaths, geographically focused deaths among juvenile
American white pelicans (Pelecanus erythrorhynchos
Gmelin; order Pelecaniformes, family Pelecanidae) have
occurred as a result of WNV transmission at numerous
pelican-breeding colonies throughout the northern Great
Plains (4). This region of the United States has the high-
est incidence of human West Nile neuroinvasive disease
(WNND) recorded (5).

Concurrent with the arrival of WNV to the northern
Great Plains region, high death rates of pelican chicks were
observed at 4 major colonies in Montana, North Dakota,
South Dakota, and Minnesota. WNV was presumed to
be the etiologic agent for >9,000 American white pelican
deaths in 7 states in 2002—2003 on the basis of testing of
a sample of carcasses from various affected colonies (6).
At Medicine Lake National Wildlife Refuge (MLNWR) in
Montana, the chick death rate from mid-July until fledging,
a time when pelican chicks are less vulnerable to severe
weather and predation, typically averages <4%. However,
this death rate reached as high as 44% among colonies in
the region after the arrival of WNV in 2002, and annual
losses since then have remained elevated (typically 7-8x)
in most years (4). Although a spatiotemporal link between
WNV detection and pelican chick deaths seems evident,
the cause of most of these deaths remains presumptive.
Furthermore, the potential public health consequences of
American white pelican deaths need to be evaluated.
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Pelican deaths may indicate increased risk for WNV
transmission to persons living in nearby communities. We
evaluated pelican deaths and human WNND cases for po-
tential associations. In addition, we captured and tested
mosquitoes from MLNWR in 2006 and 2007 to determine
the risk for vector-borne transmission of WNV and identify
the vertebrate source of mosquito blood meals. Finally, we
collected a series of tissue types from a subset of pelican
carcasses at our field site to identify the most efficient tis-
sue for maximizing the probability of WNV detection and
to confirm WNYV infection as a contributing factor to el-
evated prefledgling pelican death rates.

Materials and Methods

Site Description

MLNWR (elevation 590 m) is located in Sheridan
County in northeastern Montana (48°27'N, 104°23'W). The
refuge covers 13,000 hectares, including Medicine Lake
(3,320 hectares), the largest natural lake in eastern Mon-
tana. Extensive wetlands provide suitable breeding habitat
for mosquitoes and aquatic birds. Cropland and short-grass
prairie surround the lake and provide nesting grounds to
~125 species of birds. Approximately 4,000 breeding pairs
of pelicans nest on a narrow peninsula (length ~500 m) (7).

Spatiotemporal Associations between
Pelican Deaths and Human WNV Disease

Data for human WNV disease cases were obtained
from ArboNET, an internet-based passive surveillance sys-
tem maintained by the Centers for Disease Control and Pre-
vention (Fort Collins, CO, USA) in collaboration with state
and local health departments. Locations of colonies were
obtained from King and Anderson (8). Wildlife Mortality
Quarterly Reports published by the US Geological Survey
National Wildlife Health Center provided locations and
dates of WNV-related pelican deaths during 2003-2007
(www.nwhe.usgs.gov/publications/quarterly reports/in-
dex.jsp). We used an odds ratio to compare incidence of
WNND cases in counties with reported WNV-associated
deaths at pelican-nesting colonies to that in all other coun-
ties with pelican colonies during 2003-2007. Positive and
negative predictive values were defined as the percentage
of counties with pelican-nesting colonies in which a pelican
WNV die-off and human WNND case(s) occurred, and in
which neither a pelican WNV die-off nor a human WNND
case occurred, respectively, during a given year.

Although neuroinvasive and nonneuroinvasive disease
cases are reportable, reporting of nonneuroinvasive WNV
disease has varied substantially by jurisdiction and over
time. Therefore, only WNND cases were considered. For
each year and county that pelican and human WNV dis-
ease were observed, we determined the interval between
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the earliest collection date of WNV-positive pelicans and
the earliest onset date of human WNV disease.

Surveillance of Mosquitoes

Mosquitoes were collected from MLNWR by using
battery-powered miniature light traps (J.W. Hock, Gaines-
ville, FL, USA) supplemented with CO, from a 9-kg com-
pressed gas tank. In 2006, seven traps were placed at 5
locations on the northeast perimeter of Medicine Lake; 3
were at Bridgerman Point, 10-200 m from pelican-nesting
and -congregation sites (9). In 2007, all 5 traps were placed
at Bridgerman Point. Traps were generally operated for 2
consecutive nights each week from mid-May through Au-
gust in 2006 and 2007, and collections were stored at —20°C
for >24 h before transport on dry ice. Collections were pro-
cessed on a chill table and the light trap index (LTI) was
calculated for each week as the number of trapped Culex
tarsalis mosquitoes per trap night.

For WNYV testing by reverse transcription-PCR (RT-
PCR), weekly trap collections were sorted by species and
location. Pools of <50 adult female mosquitoes were ho-
mogenized in vials containing 4.5 mm-diameter copper-
coated steel beads (BB pellets) in BA-1 medium (medium
199 with Hanks balanced salt solution, 0.05 mol/L Tris buf-
fer, pH 7.6, 1% bovine serum albumin, 0.35 g/L. of NaH-
CO03, 100 mg/L streptomycin, 100 U/mL penicillin G, 1 ng/
mL amphotericin B) and clarified by centrifugation. RNA
was extracted from the supernatant and purified through an
EasyMag extractor (bioMérieux, Durham, NC, USA) by
using automated magnetic silicon extraction. Purified RNA
was transcribed into cDNA and amplified by using specific
WNV primers as described (10) in an EasyQ thermocycler
(bioM¢érieux). Detection of WNV c¢cDNA was achieved by
agarose gel electrophoresis. Prevalence of WNV infection
in mosquito populations was estimated by using Pooled-
InfRate  (www.cde.gov/ncidod/dvbid/westnile/software.
html). Vector index was calculated as the product of the
LTI and infection rate (11).

Identification of Mosquito Blood Meals

Blood-engorged Aedes vexans and Cx. tarsalis mosqui-
toes were stored individually at —20°C and processed for
blood meal identification as described (12). Briefly, each
mosquito was homogenized and DNA was extracted. A por-
tion of the mitochondrial cytochrome B gene was amplified
and sequenced, and the resulting sequence was compared
with sequences in a database for species identification.

Pelican Sample Collection and Preparation

Moribund pelican chicks (=6—12 weeks of age) show-
ing clinical signs suggestive of WNV infection (e.g.,
ataxia, torticollis, reluctance or inability to move) (Figure)
were killed by cervical dislocation and stored frozen until

407



RESEARCH
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Figure.
erythrorhynchos) at Medicine Lake National Wildlife Refuge,
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Montana, USA, 2007,
(background) birds.

including ill (foreground) and dead

necropsy. In 2006, carcasses were collected from July 25
through August 11 (n = 8) during a period of maximum
chick deaths, and in 2007 from July 11 through August 1 (n
= 24) after confirmation of WNV in mosquito pools. Also
in 2007, oropharyngeal and cloacal swab samples, skin,
and feather samples were collected from 23 carcasses in the
field before they were frozen for comparison with samples
collected from the same animals in the laboratory during
necropsy.

For swab samples, dacron-tipped applicators were in-
serted into the oropharyngeal cavity (behind the pouch) or
into the cloaca and then submerged and swirled in vials
containing | mL BA-1 medium and discarded. In 2007, eye
swab samples were collected from 17 carcasses by placing
the applicator tip between the inner membrane of the eyelid
and the eye. In addition, pouch lice (Piagetiella peralis) were
individually removed from the inner lining of the pouch of
each pelican and pooled in cryovials (<40 lice/pool). Four
flight feathers were removed from each carcass (2/wing).
Feathers were removed from the follicle, and the calamus
(quill tip) was aseptically cut and placed with the associated
pulp into a vial containing 1 mL BA-1 medium. Approxi-
mately 0.5 cm?® each of skin, kidney, spleen, heart, lung, and
brain was aseptically collected and placed in cryovials con-
taining | mL BA-1 medium for cryopreservation.

Tissues and chewing lice, obtained from the inside of
throat pouches, were homogenized in a mixer mill (5 min
at 25 cycles/s; Retsch GmbH, Haan, Germany) in 1 mL of
BA-1 medium containing 20% fetal bovine serum and a
BB pellet. Homogenates were clarified by centrifugation
(12,000 x g for 3 min), and an aliquot was removed for
immediate testing. Remaining supernatants were stored at
-80°C.
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Detection of WNV in Pelican Samples

Virus isolation was performed for tissues, lice homo-
genates, and swabs by using a Vero cell plaque assay as de-
scribed (13). Viral plaques were confirmed as WNV by RT-
PCR or VecTest WNV Antigen Detection Assay (Medical
Analysis Systems, Camarillo, CA, USA) as described (2).
RT-PCR and plaque assay detection methods were com-
pared within tissue types by using the Fisher exact test with
Bonferroni correction for 9 comparisons (o = 0.0056). For
specimens collected in the field and their carcass-matched
controls collected in the laboratory, test results were com-
pared by using the k statistic for concordance.

RT-PCR methods for detection of WNV RNA in tis-
sues were according to those of Lanciotti et al. (14), except
for use of the Viral RNA Minikit (QIAGEN, Valencia, CA,
USA) for RNA extraction and the Bio-Rad Icycler IQ Real-
time Detection System (Bio-Rad, Hercules, CA, USA) for
cDNA amplification. A cycle threshold value <37 was con-
sidered positive for target sequence amplification. Samples
were screened with 1 pair of primers (genome positions
were 10668 for forward primer, 10770 for reverse primer,
and 10691 for probes) and positive results were confirmed
with a second pair of primers (genome positions were 1160
for forward primer, 1229 for reverse primer, and 1186 for
probe).

Results

Association of Pelican Deaths and Human
WNYV Disease

The probability of human WNND cases in counties
with pelican nesting colonies increased 5% when WNV-
associated deaths occurred among the pelicans (odds ratio
5.0, 95% confidence interval 1.9-13.0, n = 135 county-
years). The positive predictive value of pelican deaths for
human WNND cases was 55%, and negative predictive
value was 81%. Pelican deaths were observed an average
of 23.1 days (median 13.5 days) before human case onset
and occurred before human disease onset in 12 (75%) of 16
county-years (Table 1).

Mosquito Surveillance

In 2006, a total of 414 Cx. tarsalis mosquitoes were
captured in 67 light trap-nights from July 1 through August
5. Weekly LTI values for Cx. tarsalis mosquitoes ranged
from 4.1 to 9.0 during July and early August (Table 2) when
mosquito populations were low because of severe drought
(larval production sites were dry or contained ephemeral
water). None of 12 pools of Cx. tarsalis mosquitoes as-
sayed were positive for WNV RNA.

In 2007, a total of 25,291 Cx. tarsalis mosquitoes
were captured in 42 light trap-nights from June 30 through
August 8 (Table 2). Weekly LTI values during this period
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Table 1. Deaths in pelicans infected by WNV and WNV human
disease in counties with nesting American white pelican colonies,
United States, 2003—-2007*

Earliest date Earliest date

of pelican of disease  Difference,
Year  County, state death in humans d
2003 Big Stone, MN Jul 1 Aug 25 56
Phillips, MT Aug 1 Aug 15 14
Sheridan, MT Jul 23 Aug 1 9
Stutsman, ND Jul 15 Jul 26 11
Day, SD Jul 28 Jul 14 -14
2004 Big Stone, MN May 30 Sep 1l 93
2005  Sheridan, MT Jun 23 Jul 14 52
Stutsman, ND Jun 17 Jul 18 31
Day, SD Jul 6 Aug 26 51
2006 Big Stone, MN Jun 15 Jul 27 42
Washoe, NV Jul 14 Jul 10 -4
Stutsman, ND Jul 24 Aug 1 8
Day, SD Jul 19 Aug 1 13
Brown, WI Jul 15 Aug 10 26
2007  Stutsman, ND Jul 7 Jul'1 -6
Day, SD Jul 9 Jun 27 -12

*WNV, West Nile virus.

ranged from 169 to 1,643. WNV was detected in 28 (32.2%)
of 87 mosquito pools by RT-PCR, with the first positive
mosquito samples collected during the week of July 8§,
2007. WNV was detected in 10 of 20 pools of mosquitoes
collected during the last week of July; we observed an esti-
mated infection rate of 10.7/1,000 mosquitoes.

Vertebrate DNA sequences were obtained from blood-
engorged abdomens of 22 mosquitoes collected in 2007, in-
cluding 8 Ae. vexans and 14 Cx. tarsalis. All 22 mosquitoes
had fed on American white pelicans.

WNYV in Pelican Samples

Twenty-seven (84.4%) of 32 pelicans sampled had >1
tissues positive for WNV by plaque assay compared with 7
(87.5%) of 8 positive by RT-PCR (Table 3). Pelicans with
WNV-positive tissues were collected from July 25 through
August 11, 2006, and July 11 through August 1, 2007. Be-

WNV and American White Pelicans

cause pelicans were not collected before these dates, the
timing of initial onset of WNV outbreaks in pelicans is un-
known.

Skin was the most efficacious tissue for WNV de-
tection in pelican carcasses. Viral loads were greatest in
feather pulp, brain, heart, and skin. RT-PCR and plaque
assay results were similar; detection rates did not differ
among specific tissues or between field-collected vs. lab-
oratory-derived samples (Table 4). Concordance (i.e., test
agreement) was 82% (k = 0.82) among matched field and
laboratory samples from the same carcasses. All pouch lice
samples were negative for WNV.

Discussion

We observed an association between human cases of
WNND and WNV-induced juvenile pelican deaths in coun-
ties with pelican-nesting colonies. The positive and nega-
tive predictive values of pelican WNV-associated deaths
for human WNND cases were similar in magnitude to those
of American crow (Corvus brachyrhynchos) deaths. These
findings suggest that monitoring of pelican deaths in colo-
nies near human populations could be of potential use in
public health—oriented WNYV surveillance programs, many
of which use crow deaths as indicators of local WNV activ-
ity and human risk (15).

Surveillance of pelican colonies for WNV activity
could assist in presaging human WNV infection and as-
sociated disease. Pelican deaths were generally detected >2
weeks before WNV disease onset in humans. However, our
observations were limited by numerous assumptions inher-
ent to surveillance data, such as that human case-patients
were infected in their home counties, that all human resi-
dents of each county were equally at risk for WNV infec-
tion, and that only residents of a county with a colony were
potentially at risk. Because human settlements nearest a
colony may pertain to a different county, a more accurate
analysis would evaluate distance from the nesting colony as
a risk factor for human cases, independent of county lines.

Table 2. Culex tarsalis mosquito infection data for WNV calculated weekly during 2 WNV transmission seasons, Medicine Lake

National Wildlife Refuge, Montana, USA*

2006 2007

Light No. positive No. positive
Week of trap Light trap pools/no. Light trap Light trap index  pools/no. Infection ratet  Vector index8
collection nights  index + SDt tested nights + SDT tested (95% ClI) (95% ClI)
Jul 1-7 13 41+43 0/17 4 448.5 +549.5 0/100 0.0 0.0
Jul 8-14 9 6.6 +11.6 0/59 9 325.3+1314 5/800 6.3 (0.8-11.7) 2.0 (0.3-3.8)
Jul 15-21 10 9.0+8.38 0/88 10 1,643.0 £ 899.8 7/1,000 7.0(1.8-12.2) 11.5(3.0-20.0)
Jul 22-28 11 7.0+5.9 0/69 8 259.6 +£301.9 4/1,000 4.0 (0.1-7.9) 1.0 (0.03-2.1)
Jul 29-Aug 4 13 7.1+10.4 0/74 7 169.0 + 105.3 10/937 10.7 (4.1-17.3) 1.8 (0.7-2.9)

*WNV, West Nile virus: Cl, confidence interval.

tLight trap index is mean number of adult female Cx. tarsalis mosquitoes collected per trap night. Seven traps were used in 2006, and 5 traps were used

in 2007.

fInfection rate is in units of 1,000 mosquitoes and determined by maximum-likelihood estimate. Infection rate was O for all collection dates in 2006.
§Vector index is the product of light trap index and infection rate. Unit of measure is number of infected female Cx. tarsalis mosquitoes per trap night.

Vector index values were 0 for all collection weeks in 2006.
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Table 3. WNV detected by plaque assay or RT-PCR in tissues from American white pelican carcasses collected at Medicine Lake

National Wildlife Refuge, Montana, USA, 2006—-2007*

No. (%) plaque assay positive,

Median viral titer, log PFU/0.5 cm® No. (%) RT-PCR positive,

Specimen n=27 (range)t n=238
Feather pulp 18 (66.7) 3.5(1.3-5.9) 6 (75.0)
Kidney 18 (66.7) 2.6 (2.0-3.9) 3(37.5)
Spleen 4(14.8) 1.6 (0.7-2.0) 1(12.5)
Brain 21 (77.8) 2.7 (1.7-5.9) 5 (62.5)
Heart 14 (51.9) 3.6 (0.7-5.3) 2 (25.0)
Lung 6 (22.2) 2.4 (1.7-3.3) 1(12.5)
Skin 25 (92.6) 3.1 (0.7-5.0) 5 (62.5)
Oral swab 9(33.3) 2.1 (0.7-3.7) 3(37.5)
Cloacal swab 7(25.9) 1.8 (0.7-3.7) 2 (25.0)
Eye swabf 2 (11.8) 2.2 (1.7-2.6) -

*WNV, West Nile virus; RT-PCR, reverse transcription—PCR. All carcasses were WNV positive by virus isolation or detection of specific WNV RNA by RT-

PCR.

tMedian titers were calculated from the positive specimens only. Unit of measurement for swabs is per swab rather than per 0.5 cm®.

TEye swabs were collected from only 17 WNV-positive chicks.

Most pelican colonies are remote from human popula-
tion centers and are not currently actively monitored for
WNV-associated deaths. Although human population den-
sities near pelican colonies are low, infected host-seeking
mosquitoes may travel >10 km in search of a blood meal,
especially because breeding pelicans and other birds dis-
perse from the region, typically in August. Cx. tarsalis
mosquitoes have traveled distances <12.6 km (16). Other
mosquito species, such as Ae. vexans, could serve as bridge
vectors between infectious juvenile pelicans and suscepti-
ble humans. Blood meal analyses from engorged Ae. vexans
and Cx. tarsalis mosquitoes showed that these well-known
biters of humans also feed on pelicans. Furthermore, dis-
persing pelicans may be infectious and introduce the virus
to competent mosquitoes near human population centers.
Pelicans forage daily <80 km from colony sites (17).

We confirmed vector-borne transmission of WNV to
pelicans at MLNWR in Sheridan County, Montana. CX.
tarsalis mosquitoes appeared to be the major vector for
transmission of WNV to pelicans in 2007 because vector
and trap indices were high for this mosquito species, and
blood meal identification linked these vectors to the peli-
cans. WNV was detected in pelican carcasses in 2006 de-
spite low populations of Cx. tarsalis mosquitoes and lack
of WNV detection in mosquitoes, which suggested that

Table 4. Virus titers of field-collected samples from WNV-positive
American white pelican chicks and test agreement with carcass-
matched specimens, Montana, USA, 2006—2007*

No. (%) WNV  Median viral titer, log

Sample positive, n =19  PFU/0.5 cm® (range) K

Skint 15 (88.2) 3.6 (1.7-5.0) 0.88
Feather pulp 15 (78.9) 4.9 (1.3-5.6) 0.84
Oral swab 7 (36.8) 1.2 (0.7-2.1) 0.79
Cloacal swab 4(21.1) 1.5(0.7-2.7) 0.79

*WNV, West Nile virus; k, concordance. All carcasses were positive for
WNYV infection by virus isolation or detection of specific WNV RNA by
reverse transcription—-PCR. Only plaque assay results are presented for
field-collected samples.

TSkin was collected from only 17 carcasses in the field.
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pelican deaths may be a sensitive indicator of local WNV
activity. Juvenile pelican deaths caused by WNV infec-
tion have been observed (4,6) but never targeted for WNV
avian mortality surveillance, i.e., to generate public health—
related data to be used for WNV prevention and control. In
the reports of juvenile pelican deaths, comparison of WNV
tissue loads in pelicans was not rigorously evaluated.

Biologic specimens collected from avian carcasses
have proven useful in WNV surveillance; the American
crow has been a useful sentinel (2,3,18). Oral swabs and
feather pulp are preferred target samples for diagnosis of
WNV infection in corvids (19,20). To help guide future
WNV surveillance efforts, we sought to determine which
pelican samples would be most useful for WNV detection.
Our results showed that skin and feather pulp are the most
ideal specimens. Previous research showed that feather pulp
was slightly more efficacious than oral swabs for detecting
WNV when the VecTest assay was used for corvids (21),
and that 100% of feather pulp samples were positive among
WNV-infected American crows and blue jays (Cyanocitta
cristata) (20). Feather pulp and skin meet criteria for a low-
resource approach to dead bird surveillance: samples re-
quire a minimal amount of time for field collection, dissec-
tion of the carcass is not required, exposure of laboratory
personnel to infected carcasses is avoided, samples can be
easily transported and shipped, and laboratory processing
costs can be kept to a minimum. Oropharyngeal, cloacal,
and eye swab samples were relatively insensitive for de-
tecting WNYV in pelicans.

Continued surveillance of American white pelican col-
onies is useful for assessing long-term effects of WNV in
colonies and in populations in the northern plains and up-
per Midwest region of the United States. The role of these
colonial nesting birds in WNV ecology, and conversely that
of WNV on pelican ecology, remains unknown. WNV-am-
plifying hosts and vectors are generally plentiful at pelican
colonies, and recurring chick deaths since 2003 suggest that
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WNV-induced reductions in pelican populations will con-
tinue. Because juvenile pelicans are likely more susceptible
to WNV-associated illness and death than adults, the effects
of WNV on pelican population growth would manifest as
failed recruitment of new birds into the population in af-
fected colonies, rather than loss of fertile adults. Indirect en-
vironmental effects of pelican nest failures are unknown.

The association we observed between WNV disease
among pelicans and humans does not imply that pelicans
are the source of human WNYV infections, or vice versa,
and may merely be a consequence of geographic autocor-
relation. However, this link highlights the benefit of com-
munication between wildlife and public health sectors.
Knowledge of WNV infections in either sector may signal
a problem requiring attention in the other. This study of
deaths in pelicans caused by WNV serves as a reminder
that wildlife disease investigations may play an useful role
in mitigating risk for zoonotic infections in humans.
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Murine Typhus in Austin, Texas,
USA, 2008

Jennifer Adjemian,*? Sharyn Parks,! Kristina McElroy, Jill Campbell, Marina E. Eremeeva,
William L. Nicholson, Jennifer McQuiston, and Jeffery Taylor

In August 2008, Texas authorities and the Centers
for Disease Control and Prevention investigated reports
of increased numbers of febrile rash illnesses in Austin to
confirm the causative agent as Rickettsia typhi, to assess
the outbreak magnitude and illness severity, and to iden-
tify potential animal reservoirs and peridomestic factors that
may have contributed to disease emergence. Thirty-three
human cases of confirmed murine typhus were identified.
lliness onset was reported from March to October. No pa-
tients died, but 23 (70%) were hospitalized. The case-pa-
tients clustered geographically in central Austin; 12 (36%)
resided in a single ZIP code area. Specimens from wildlife
and domestic animals near case-patient homes were as-
sessed; 18% of cats, 44% of dogs, and 71% of opossums
had antibodies reactive to R. typhi. No evidence of R. typhi
was detected in the whole blood, tissue, or arthropod speci-
mens tested. These findings suggest that an R. typhi cycle
involving opossums and domestic animals may be present
in Austin.

Murine typhus, also known as endemic or flea-borne
typhus, is caused by Rickettsia typhi, a gram-nega-
tive, obligate intracellular bacillus. This zoonotic disease is
primarily maintained in rodent—flea cycles and is transmit-
ted to humans when infected flea feces contaminate the flea
feeding site or other skin abrasions (1). After an incubation
period of 6-14 days, a nonspecific febrile illness may de-
velop with symptoms of headache, arthralgia, abdominal
pain, and confusion. Approximately 50% of patients also

Author affiliations: Centers for Disease Control and Prevention,
Atlanta, Georgia, USA (J. Adjemian, S. Parks, K. McElroy, M.E.
Eremeeva, W.L. Nicholson, J. McQuiston); Texas Department of
State Health Services, Austin, Texas, USA (S. Parks, J. Taylor); and
Austin/Travis County Health Department, Austin (J. Campbell)

DOI: 10.3201/eid1603.091028
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report the development of a diffuse macular or maculopap-
ular rash, which starts on the trunk and spreads peripherally
(sparing the palms and soles) nearly 1 week after the initial
onset of fever and can last from 1 to 4 days. Although the
disease is easily treated with doxycycline, it can be severe
or even fatal if not diagnosed and treated properly (2,3).

Throughout its global distribution, R. typhi has been
primarily concentrated in coastal urban areas where it is
maintained among rats (Rattus spp.) and oriental rat fleas
(Xenopsylla cheopis) (3). Within the United States, mu-
rine typhus is endemic in parts of California, Hawaii, and
Texas, where <100 cases are reported annually (4—7) with
a 1%-4% fatality rate when left untreated (3,4). Recent
studies in southern Texas and California indicate that the
classic rodent-flea cycle of R. typhi has been augmented
in these suburban areas by a peridomestic cycle involving
free-ranging cats, dogs, opossums, and their fleas (1,6,7).
In addition, R. felis, which may produce a febrile illness in
humans (8), may also circulate within these same zoonotic
cycles (7,9). Although both agents have been documented
in opossum-flea cycles in parts of southern Texas (7,9),
these diseases are rare in the Austin/Travis County area.
Though Austin is only 140 km from the Texas coast, where
murine typhus is endemic, only 4 cases have been reported
there in the past 25 years; 2 of those 4 cases were reported
in September 2007 (Texas Department of State Health Ser-
vices [TDSHS], unpub. data).

From March through July 2008, the Austin/Tra-
vis County Department of Health and Human Services
(ATCDHHSY) identified 13 cases of febrile illness, half of
which had a rash or a severe headache, or both. Laboratory
tests conducted at the TDSHS and the Centers for Disease

1These authors contributed equally to this article.

2Current affiliation: Federal Bureau of Prisons, Washington, DC,
USA.
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Control and Prevention (CDC) indicated that these patients
all had antibodies reactive to R. typhi. Active infection with
R. typhi was also identified in 1 patient by PCR. In August
2008, TDSHS, CDC, and ATCDHHS initiated a detailed
epidemiologic investigation to confirm the causative agent
as R. typhi, to assess the outbreak magnitude and illness
severity, and to identify potential animal reservoirs and
peridomestic factors that may have contributed to disease
emergence.

Methods

In August 2008, TDSHS, CDC, and ATCDHHS initi-
ated an epidemiologic investigation into the emergence of
murine typhus in Austin. A clinical investigation was con-
ducted to assess the magnitude and severity of the outbreak.
An environmental investigation was conducted to assess
the environment and peridomestic factors and domestic
animals around case-patient home sites to identify possible
means of transmission and risk factors for disease.

Clinical Investigation

Healthcare providers in Austin were asked to report
any suspected cases to the health department. Suspected
cases were reported to ATCDHHS by the National Elec-
tronic Disease Surveillance System. Criteria for suspected
cases were high fever (>38°C), with at least 1 of the fol-
lowing: headache, rash, or myalgia. Confirmed cases were
defined as meeting the suspected case criteria and having
laboratory confirmation for R. typhi infection. The criteria
for laboratory confirmation included at least a 4-fold rise
in antibody titer to R. typhi antigen between paired serum
specimens obtained >3 weeks apart or the detection of R.
typhi DNA in a clinical specimen by PCR.

All suspected and confirmed case-patients identified
from March through November 2008 were interviewed in-
person or by telephone, medical chart reviews were con-
ducted, and serum specimens were collected for laboratory
testing. Where the patient was <18 years old, the parents
were interviewed. All patients or their proxies were inter-
viewed by using a standard questionnaire. Information col-
lected included demographics, laboratory test results, and
clinical symptoms. Medical records of all patients were
reviewed. Abstracted data included results of radiographs,
urinalyses, blood counts, serologic analysis, and liver en-
zyme analyses.

Environmental Investigation

Environmental assessments were conducted at the
households of 21 case-patients who had been identified
from March through July 2008. An external site assessment
of the physical property was conducted, including evalua-
tions of environmental factors such as housing structure,
vegetation, water features, food sources, and evidence of
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animals present. When possible, household owners were
queried on the internal and external use of pesticides, own-
ership of domestic animals, use of flea- and tick-control
products, history of flea infestations, and reported past evi-
dence of rodents or other types of wildlife in or around the
property.

Serum and whole blood specimens were collected from
cats and dogs from consenting case-patient households, as
well as from feral cats submitted by humane organizations
working in the area. A total of 791 trap nights using a com-
bination of live traps (H.B. Sherman Traps, Tallahassee,
FL, USA, and Tomahawk Live Trap Co., Tomahawk, WI,
USA) were also conducted around 10 case-patient house-
holds, targeting capture of peridomestic small wild mam-
mals. In addition, wildlife was accepted from organizations
that trapped so-called nuisance species within the outbreak
area. Wildlife species were released after specimen col-
lection, except for rats, which were humanely euthanized.
Serum and whole blood, as well as ectoparasites, were
collected from all animals. Tissue specimens (heart, lung,
kidney, spleen and liver) were collected from animals that
were euthanized. The address of residence or location was
recorded for each animal assessed.

Laboratory Analyses

Confirmatory tests for suspected human cases were
performed at a variety of private commercial laborato-
ries; results were then verified by subsequent testing at the
TDSHS Laboratory, Austin, Texas, USA, the Rickettsial
Zoonoses Branch Diagnostic Laboratory at CDC, Atlanta,
Georgia, USA, or both. All animal and arthropod samples
were tested at CDC.

Serologic Analysis

Serologic analysis was conducted by using indirect im-
munofluorecent antibody (IFA) assays for R. typhi grown
in embryonated chicken yolk sacs, air-dried, and acetone-
fixed onto template slide wells. In each assay, antibodies
bound to the antigens are detected by using species specific
fluorescein isothiocyanate (FITC)—labeled conjugates. We
used FITC conjugates (Kirkegaard & Perry Laboratories,
Gaithersburg, MD, USA) produced in goats against human
immunoglobulin (Ig) G (y-chain—specific at a final dilution
of 1:150), human IgM (u-chain—specific at a final dilution
of 1:100), rat IgG (heavy plus light [H + L] chain) (diluted
at 1:100), mouse IgG (H + L chain) (1:100), cat (H + L
chain) IgG (1:100), and a monovalent conjugate against
dog IgG (y-chain—specific) (1:150). FITC-labeled conju-
gate against opossum IgG (H + L chain) (Bethyl Labora-
tories, Montgomery, TX, USA) was used at a final dilu-
tion of 1:100. The assay format, buffers, and other reagents
were used according to the method described by Nicholson
et al. (10). Samples were serially (2) diluted and the last
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well demonstrating specific fluorescence of the R. typhi or-
ganisms was recorded as the endpoint titer (expressed as a
reciprocal of the dilution).

Amplification by PCR and Sequencing

Fleas were identified to species, and DNA was isolat-
ed from each specimen by using the Biomek 2000 Labo-
ratory Automation workstation (Beckman, Fullerton, CA,
USA) and reagents from the Wizard Prep kit (Promega,
Madison, WI, USA) (11). Detection of R. felis and R. typhi
DNA was conducted by using a TagMan assay for the cit-
rate synthase (gltA) gene of Rickettsia spp. as described
elsewhere (11,12). The reactions were conducted by using
the Brilliant Q PCR core reagent kit (Stratagene, La Jolla,
CA, USA) and run on an iCycler (Bio-Rad, Hercules, CA,
USA). Primers and probes were produced by the CDC Core
Facility (Atlanta, GA, USA). For animal and human speci-
mens, DNA was extracted from 200 pL of EDTA-blood
and 25-50 mg tissue by using the QIAamp DNA Mini Kit
(QIAGEN, Valencia, CA, USA). Animal specimens were
tested by gltA TagMan. PCR assays for the rickettsial 17-
kDa antigen gene were used for detection of spotted fever
and typhus group rickettsiae DNA in clinical specimens
with Ready-to-Go-Beads (Amersham Biosciences UK
Ltd., Little Chalfont, UK) as described elsewhere (13,14).
Amplicons were purified using Wizard SV Gel and PCR
Clean-Up System according to the manufacturer’s instruc-
tions (Promega). The purified product was sequenced with
the ABI PRISM BigDye Terminator Cycle 3.1 Sequenc-
ing kit (Applied Biosystems, Foster City, CA, USA). The
sequenced product was then purified with a QIAGEN Dy-
eEx 2.0 kit (QIAGEN) and run on an Applied Biosystems
3100x Sequencer (Applied Biosystems).

Results

Clinical Investigation

Thirty-three of 53 patients with suspected cases were
confirmed to have murine typhus. All 33 were laboratory
confirmed by IFA assay; 1 case was serologically con-
firmed by PCR, and the sequenced product was positive for
R. typhi DNA. Illness onset among the patients ranged from
March through October 2008, with 70% occurring during
May—August (Figure 1). Patients with confirmed cases had
an average age of 39 years (range 7—64 years, 15% <18
years); most were male (56%) and white (97%). Although
no deaths were attributed to murine typhus among this co-
hort of case-patients, 23 (70%) were hospitalized (mean
7 days; range 3—14 days), and 9 (27%) were admitted to
intensive care units (mean 5 days, range 1-10) with com-
plications, including pneumonia, coagulopathy, and renal
failure. Seventeen (51%) patients received antimicrobial
drugs, 13 (76%) of them doxycycline. The mean time from
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Figure 1. Month of illness onset for laboratory-confirmed murine
typhus cases (n = 33) reported in Austin/Travis County, Texas,
USA, 2008.

symptom onset to antimicrobial drug treatment was 8.3
days (median 8 days, range 1-19 days). No significant dif-
ferences were detected in rates of hospitalization (p = 0.78)
and complications (p = 0.84) between those patients who
did and those who did not receive doxycycline.

The median high temperature reported among con-
firmed case-patients was 40°C (range 39°C—41°C). The
most commonly reported symptoms included malaise
(76%), headache (73%), chills (61%), and myalgia (61%).
Loss of appetite (58%), nausea (52%), rash (46%), vomit-
ing (42%), and diarrhea (36%) were also reported by many
case-patients. Less than one third of case-patients reported
photophobia (30%), arthralgia (33%), stiff neck (24%),
backache (21%), abdominal pain (21%), coughing (18%),
jaundice (18%), lymphadenopathy (15%), conjunctivitis
(12%), and confusion (12%). Serologic results showed that
impaired liver function was common in patients (70%), and
some had impaired kidney function (21%).

The 33 confirmed case-patients clustered geographi-
cally in central Austin (Figure 2). Twelve (36%) resided
in 1 ZIP code area in a suburban-residential area (Table 1).
Most other patients were from adjacent and nearby central
and east central Austin areas. One case-patient resided in
northern Travis County but worked in central Austin.

Environmental Investigation

Twenty-six (79%) of the 33 confirmed case-patients
owned a dog or cat. Of those, 14 (42.4%) reported regularly
administering flea/tick preventatives to their pets. How-
ever, only 2 patients (5.4%) noted flea bites or exposure
in the 2-week period before illness onset. Recent exposure
to opossums was reported by 11 (29.7%) of the patients;
>20% had been recently exposed to rats, 19% to raccoons,
and 5% to mice through both direct and indirect contact.

External site assessments were performed at 20 home
sites (representing 21 case-patients). Of the home sites eval-
uated, 9 (45%) had pet food outside; 9 (45%) had a garden
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Figure 2. Distribution of confirmed murine typhus case-patients
and animals by serologic status for antibodies to Rickettsia typhi
in Travis County, Texas, USA, 2008. Red circles, confirmed
case-patients; black circles, seropositive animals; gray circles,
seronegative animals.

or compost heap; 12 (60%) had outdoor piles of firewood
or harborage; 12 (60%) had apparent evidence of rodents
(through direct observations or the presence of feces, nests,
or burrows); 17 (85%) had outdoor water sources; and 17
had unsecured garbage outside.

A total of 56 animals (including 17 cats, 9 dogs, 17
opossums, 9 raccoons, and 4 rats) (Table 2) and 139 ar-
thropods were obtained; all but 1 opossum was evalu-
ated (Table 3). Overall, 19 (33.9%) of all animals tested
were seropositive. This sample included 3 (17.6%) cats,
4 (44.4%) dogs, and 12 (70.6%) oppossums. None of the

Murine Typhus, Texas, USA

samples obtained from raccoons or rats were seropositive.
Seropositive animals came from 5 ZIP code areas, and
68% of all seropositive animals came from 2 ZIP codes
areas where 35% of the human cases were reported (Fig-
ure 2; Table 1). All 3 seropositive cats came from 1 cap-
ture site, whereas the 4 seropositive dogs were owned by
3 case-patients (2 dogs by a single patient) from 3 ZIP
code areas. Seropositive opossums were from 8 capture
sites in 3 ZIP code areas. Of the arthropods evaluated,
83.5% were identified as Ctenocephalides felis, the cat
flea (Table 3). No evidence of either R. typhi or R. felis
DNA was detected in any of the whole blood, tissue, or
arthropod specimens tested.

Discussion

Murine typhus is a common zoonotic disease in en-
demic foci of southern Texas, where a mean of 48 cases
were reported annually from 1990 through 2006 (15).
However, before this investigation, murine typhus was not
believed to occur commonly in the Austin/Travis County
area, and only 2 cases were identified before 2007. This
investigation identified 33 patients with laboratory-con-
firmed cases, nearly 70% of whom were hospitalized from
March through November 2008. In addition, 2 murine ty-
phus cases reported in Austin in September 2007 likely rep-
resent some of the first cases associated with this emergent
focus. These findings represents the first large-scale out-
break reported in Austin/Travis County since eradication
efforts were coordinated in this part of Texas in the 1940s
(TDSHS, unpub. data).

The clinical features and age distribution of case-
patients reported here are similar to those found in case-

Table 1. Distribution by ZIP code of confirmed human murine typhus case-patients and animals and ectoporasites that were tested for
Rickettsia typhi by IFA assay and/or PCR, Austin/Travis County, Texas, USA, August 2008*

No. human case-

ZIP code patients, n = 33 Opossum (12/17)F  Raccoon (0/9)T  Rat (0/4)T Cat (3/17)T Dog (4/9)t Flea (0/139)t
78702 1 171 - - - - 0/14
78703 12 6/7 0/5 0/4 0/2 0/3 0/58
78704 1 - - - - - -
78705 5 - - - - - -
78722 2 - - - 3/4 0/1 0/6
78723 1 0/2 — - 0/3 1/2 0/15
78727 1 - - - - - -
78728 1 — — - 0/2 - 0/5
78731 1 - - - - - -
78741 0 - 0/1 - - - 0/2
78745 0 - 0/1 - - - 0/4
78746 2 5/7 0/2 - 0/2 22 0/31
78747 1 - - - - - -
78748 0 — — - 0/1 - 0/2
78751 2 - - - - - -
78757 3 - - - 0/1 1/1 0/2
78759 0 - - - 0/2 - -
*IFA, immunofluorescent antibody.
TValues are no. positive/no. tested except as indicated.
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Table 2. Frequency and distribution of animals seropositive for Rickettsia typhi, Austin/Travis County, August, 2008*

No. animals No. (%) animals IFA assay titer, no. animals
Animal tested seropositive <32 32 64 128 256 512 1,024 2,048 >4,096
Cat 17 3(17.7) 14 0 0 0 0 1 0 0 2
Dog 9 4 (44.4) 5 0 0 0 0 1 2 1 0
Opossum 17 12 (70.6) 5 4 3 1 3 1 0 0 0
Raccoon 9 0 9 0 0 0 0 0 0 0 0
Rat 4 0 4 0 0 0 0 0 0 0 0
Total 56 19 (33.9) 38 4 3 1 3 3 2 1 2

*IFA, immunofluorescent antibody. Seropositivity indicated by titer >32.

patients reported in other murine typhus studies (4,16).
Although 70% of the case-patients identified during this
outbreak were hospitalized, this percentage is slightly less
than what was observed by Taylor et al. (16) during a study
of 200 cases in Texas from 1980 through 1984, in which
85% of patients were hospitalized and 1% died. Though no
deaths were reported during this 2008 outbreak, nearly one
third of all patients were admitted to the intensive care unit
with complications (including pneumonia, coagulopathy,
and renal failure) that demonstrated the severity of illness.

Delaying treatment for murine typhus increases the
duration of symptoms and risk for complications (4,17).
Treatment should always be initiated on the basis of clini-
cal and epidemiologic considerations alone without wait-
ing for a laboratory confirmation of the diagnosis. In this
outbreak, 48% of patients did not receive treatment with
doxycycline, the drug of choice for treatment for rickettsial
diseases. The lack of doxycycline administration and the re-
ported lag time of 1 week to nearly 3 weeks between symp-
tom onset and antimicrobial drug treatment experienced
by most patients may have been associated with a delay in
recognizing that the cases were murine typhus, because of
the perception that the disease was not present in Austin.
Despite this finding, the difference in hospitalization and
complication rates did not appear to be significant between
patients with and without proper antimicrobial drug treat-
ment. However, the small sample size may have precluded
a robust comparison of these data.

Strong serologic evidence of exposure to rickettsiae
was detected among opossum and domestic animal popula-
tions in Austin/Travis County. More than one third of all

animals tested were seropositive with R. typhi antigen. Of
particular interest, >70% of opossums tested were seropos-
itive with R. typhi antigen. Further studies are needed to de-
termine the specific role that opossums play in the ecology
of murine typhus in the Austin area. Exposure to other rick-
ettsiae in the spotted fever group also cannot be excluded,
particularly for R. felis, which is very common in cat fleas
obtained from opossums (7,12). The serologic findings ob-
served here are similar to what has been observed in studies
of disease-endemic regions in southern Texas and Califor-
nia, USA, where opossums are hosts for fleas containing
R. typhi and R. felis (6,7,9,18). In Los Angeles, California,
and Corpus Christi, Texas, 42% and 25% of opossums were
found to be seropositive for R. typhi, respectively, although
seropositive rats were rarely or never detected (7,9). These
studies have resulted in a reevaluation of the classic urban
cycle of murine typhus in suburban disease-endemic areas
in the continental United States, where opossums, domes-
tic cats, and cat fleas—and not rodents and their fleas—are
considered to be a primary source of infection (2).
Although none of the rats in this study were seroposi-
tive for R. typhi, the small sample size tested (n = 4) limits
our ability to draw conclusions regarding the contribution
of rats and their arthropods to the dynamics of murine ty-
phus in this area. Additionally, presumptions regarding
contributions of various animal species are limited because
only serologic findings were positive; active infection with
either R. typhi or R. felis was not detected in any of the
samples tested. While none of the fleas were positive for
either R. typhi or R. felis DNA, this result is not entirely un-
expected considering the infrequency with which positive

Table 3. Summary of fleas collected from animals in Austin/Travis County, Texas, USA, August 2008

No. animals with Total no. fleas Frequency of flea species by Infestation

Animal fleas/total no. animals Flea species collected collected host animal, % index

Cat 12/17 Ctenocephalides felis 23 70.6 (n=12) 1.35

Dog 1/9 Ctenocephalides canis 1 11.1 (n=1) 0.11

Opossum 18/18 C. felis 84 100.0 (n = 18) 4.67

Pulex irritans 14 222 (n=4) 0.78

Raccoon 9/9 C. felis 8 44.4 (n=4) 0.89

Echidnophaga gallinacean 1 11.1 (n=1) 0.11

P. irritans 5 33.3(n=23) 0.56

Xenopsylla cheopis 2 222 (n=2) 0.22

Rat 1/4 C. felis 1 25.0(n=1) 0.25
Total 41/56 - 139 73.2 (n=44) -
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fleas were detected in similar studies. For instance, Boost-
rom et al. (7) identified only 3 R. typhi and 11 R. felis posi-
tive fleas out of a sample of 529 from highly endemic parts
of southern Texas. Still, R. felis may be circulating within
this area because both pathogens appear to be maintained in
complex ecologic cycles (2,7). More specific studies target-
ing larger numbers of statistically representative domestic
animals and wildlife are needed to better discern compli-
cated human-animal-disease dynamics.

Murine typhus may now be established in the Austin/
Travis County area and should be considered an ongoing
public health threat. Although, the idea that persons have
been infected with R. felis (which has been previously found
to infect a patient in Texas) cannot be totally excluded (8).
Continued public health education efforts are needed in the
Austin/Travis County area regarding the emergence of flea-
borne rickettsiosis and the likely risk factors for infection,
with an emphasis on avoiding contact with wild animals
and controlling fleas on pets and around the home with ap-
proved products. Physicians in the area should maintain an
increased vigilance in detecting and diagnosing suspected
murine typhus cases as well as other rickettsioses, because
timely treatment with the appropriate antimicrobial drug
therapy is critical for limiting severe outcomes.
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Chikungunya Virus Infection during
Pregnancy, Reunion, France, 2006

Xavier Fritel, Olivier Rollot, Patrick Gérardin, Bernard-Alex Galizére, Jacques Bideault,
Louis Lagarde, Barbara Dhuime, Eric Orvain, Fabrice Cuillier, Duksha Ramful, Sylvain Sampériz,
Marie-Christine Jaffar-Bandjee, Alain Michault, Liliane Cotte, Monique Kaminski,

Alain Fourmaintraux, and the Chikungunya-Mére-Enfant Team

Mother-to-child transmission of chikungunya virus was
reported during the 2005—-2006 outbreak on Réunion Island,
France. To determine the effects of this virus on pregnancy
outcomes, we conducted a study of pregnant women in
Réunion in 2006. The study population was composed of
1,400 pregnant women (628 uninfected, 658 infected during
pregnancy, 27 infected before pregnancy, and 87 infected
on unknown dates). We compared pregnancy outcomes for
655 (628 + 27) women not infected during pregnancy with
658 who were infected during pregnancy. Infection occurred
during the first trimester for 15% of the infected women, the
second for 59%, and the third for 26%. Only hospital admis-
sion during pregnancy differed between infected and unin-
fected women (40% vs. 29%). Other outcomes (cesarean
deliveries, obstetric hemorrhaging, preterm births, stillbirths
after 22 weeks, birthweight, congenital malformations, and
newborn admissions) were similar. This virus had no ob-
servable effect on pregnancy outcomes.

hikungunya virus infection is transmitted by mosqui-
toes of the genus Aedes. The virus was first isolated in
1952 and is found in eastern Africa, India, and Southeast
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Asia. Symptoms of infection are high fever and disabling
muscle and joint pain, often associated with a rash and
mild bleeding. Persons infected usually recover spontane-
ously in several days to a week (1). Fever and arthralgia
may occur for several months or even years (2). Patients are
treated only for their symptoms because there is no specific
treatment for the underlying infection (3). Before the recent
outbreak on the island of Réunion, the disease was not con-
sidered life-threatening.

Réunion, a French territory in the southwestern Indian
Ocean, has a population of #785,000 inhabitants. Medical
facilities in Réunion are similar to those in mainland France
and other industrialized countries. A major chikungunya
outbreak occurred in Réunion in 2005-2006. At the end of
this outbreak, seroprevalence was estimated to be 38.2%
(95% confidence interval [CI] 35.9%-40.6%); 300,000
(95% CI 283,000-320,000) persons were infected (4,5).
Aedes albopictus mosquitoes were the primary vector in
this outbreak.

The outbreak began in eastern Africa (6). It reached
Réunion in March 2005 but was relatively inactive, with
only several thousand cases until November 2005, when
its incidence unexpectedly increased during summer in the
Southern Hemisphere, peaking at 47,000 cases/week dur-
ing week 5 of 2006. The most recent cases were reported
in August 2006. Comparisons of 2006 with previous years
showed that mortality rates increased during February,
March, and April 2006 (7,8). Since 2006, the virus has
caused several epidemics in the Indian Ocean region (Mad-
agascar, India, Sri Lanka, Thailand, Malaysia, and Singa-
pore). Three new cases of chikungunya were reported in
August 2009 on Réunion Island (9).

The first cases of virus transmission from mother to
child at birth were identified in February 2006; a total of 38
such cases were reported (10,11). The virus was also found
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in specimens from 3 early second trimester miscarriages
(12). When this outbreak began, little information was
available about the risk for chikungunya virus infection in
pregnant women. In addition to virus transmission at birth,
potential complications include transplacental transmission
before birth, congenital malformations, stillbirths, growth
restriction, and preterm delivery. Chikungunya virus be-
longs to the same family of viruses (Togaviridae) as rubella
virus, for which some of these complications have been de-
scribed (13). The high fever that characterizes chikungu-
nya infection could cause uterine contractions or fetal heart
rate abnormalities, which might promote spontaneous or
induced preterm delivery (cesarean for fetal salvage). The
hemorrhagic syndrome described at the onset of infection
might be manifested by vaginal bleeding during pregnancy
or third-stage hemorrhaging, as reported for infection with
dengue virus (14,15). The proportion of symptomatic and
asymptomatic infections was also unknown.

The purpose of our study (the Chikungunya-Mére-
Enfant cohort study) was to determine the consequences of
chikungunya infection on pregnancy outcomes. These re-
sults will be useful to public health officials and physicians
who provide care for pregnant women or newborns because
chikungunya can be imported by international travelers and
the location of Ae. albopictus mosquitoes has extended be-
yond the tropics (16). These mosquitoes are found in 26
states in the United States and several countries in Europe,
where outbreaks are possible (17,18).

Methods

We began our study in early April 2006, by planning
to recruit all pregnant women (with or without symptoms
of chikungunya infection) who received care at 1 of the 6
main maternity units in Réunion. These 6 units accounted
for 78% of 14,077 live births in Réunion in 2006. Inclusion
in the study was proposed regardless of the reason for a vis-
it or admission. We had planned to include 3,600 women so
that sufficient children with in utero chikungunya infection
were available to study their psychomotor development. To
show a difference of 10 points in the developmental quo-
tient at 24 months of age, it would have been necessary to
observe 19 children infected in utero. However, because of
the decrease in the outbreak after June 1, we revised our
sample size and included only pregnant women who re-
ported clinical signs suggestive of this infection. The study
cohort was composed of 1,400 pregnant women (mean
term 32 weeks); 1,384 (99%) gave birth in 1 of the 6 partic-
ipating maternity units. Information on pregnancy outcome
for 16 women lost to follow-up was obtained by contacting
each one directly. A total of 914 participants were included
in April, 386 in May, 88 in June, 5 in July, 2 in August, 4 in
September, and 1 in November. In an ancillary study, for 3
days in May 2006, all women who gave birth in the 6 par-
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ticipating units were interviewed to determine how women
in the study cohort differed from those not in the study in
terms of chikungunya symptoms, parity, age, gestational
age of the infant at birth, and mode of delivery.

Serologic status for chikungunya virus infection was
determined at participant’s inclusion in the study. All re-
ports of chikungunya fever were confirmed by using se-
rologic testing or detection of the viral genome in any
specimen by using real-time reverse transcription—PCR
(RT-PCR) (19,20). Serologic tests with negative results
at inclusion were repeated at delivery or when symptoms
suggestive of infection appeared. Histologic examinations
were performed on placentas of all women who had chi-
kungunya infection during pregnancy. RT-PCR was also
performed for placenta and amniotic fluid samples from
women with symptoms at delivery.

Date of infection was determined by checking patient
history of symptoms or by RT-PCR when available. Wom-
en were classified into 2 groups: those infected by chikun-
gunya virus during pregnancy (symptoms during pregnan-
cy confirmed by positive serologic or RT-PCR results) and
those not infected (negative serologic results at delivery
or during the preceding 7 days). Women infected before
pregnancy were considered not infected during pregnancy.
We excluded women who were infected but asymptomatic,
those whose symptoms could not be dated, and those with
inconclusive serologic results from analysis.

We analyzed how women infected by chikungunya vi-
rus during pregnancy (658) differed from those who were
not infected (655) for general characteristics (age, educa-
tional level, marital status, and body mass index), medical
history (diabetes and hypertension), and obstetric history
(previous pregnancies, history of preterm delivery, small-
for-gestational-age, or stillbirths). We then compared
pregnancy outcomes (prenatal hospital admission for any
reason and for chikungunya symptoms, vaginal bleeding
during pregnancy, mode of delivery, obstetric hemorrhage,
stillbirth, preterm birth, birthweight, congenital malforma-
tions, and newborn hospitalization) between the 2 groups.
Obstetric hemorrhage was defined as blood loss >500 mL.
We considered only fetal malformations recognized by Eu-
ropean Surveillance of Congenital Abnormalities (EURO-
CAT) (www.eurocat.ulster.antibodies.uk). All malforma-
tions recorded were verified by checking either pediatric
files or the Réunion congenital anomalies registry, which is
affiliated with EUROCAT.

Bivariate analysis of pregnancy outcomes compared
means (by Wilcoxon rank-sum test) and percentages () or
Fisher exact tests). For multivariate analysis, we adjusted
for center, maternal age, educational level, and body mass
index. Logistic regression was used to estimate the ad-
justed odds ratios (ORs). A p value <0.05 was considered
significant. Sensitivity analyses were performed to deter-
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mine whether results changed when either the 27 infected
before pregnancy or the 100 women included in the study
after May 2006 were omitted from the analysis. Statistical
analysis was performed by using SAS version 9.1 software
(SAS Inc., Cary, NC, USA).

This prospective multicenter study was reviewed and
approved by the ethics committee (Comité de Protection
des Personnes) of Tours (no. 2006-2007). It was reported
to the French Data Protection Authority (Commission Na-
tionale de I’Informatique et des Libertés).

Results

Of 1,400 pregnant women included in the study, 705
(50%) reported chikungunya symptoms during pregnancy,
668 (48%) reported no symptoms, and 27 (2%) reported
symptoms before pregnancy (Table 1). Specific serologic
or RT-PCR tests confirmed the diagnosis of chikungunya
infection for 658 (93%) of 705 who reported symptoms
during pregnancy. In 6 cases (1%), serologic results for
immunoglobulin (Ig) G were negative at delivery, which
ruled out infection. Conclusions could not be reached for
41 women (6%) because of missing or inconclusive labora-
tory data. Negative serologic findings for IgG confirmed
the absence of chikungunya infection in 622 (93%) of 668
women with no reported symptoms during pregnancy.
Findings were positive for 46 women (7%); these women
were considered asymptomatically infected at an unknown
date and excluded from the analysis. Chikungunya infec-
tion was confirmed for all 27 women with symptoms before
pregnancy. Overall, 658 women were classified as infected
by chikungunya virus during pregnancy (exposed) and 655
as not infected during pregnancy (not exposed).

Among the 658 exposed women, infection occurred
during the first trimester for 99 (15%) women, the second
for 387 (59%), and the third for 172 (26%). Infection oc-
curred during the first quarter of 2006 for 536 (81%), before
that for 62 (9.4%), and after that for 60 (9.1%). Maternal
signs and symptoms were fever (408 cases, 62%), arthral-
gia (615 cases, 93%), headache (354 cases, 54%), edema
(355 cases, 54%), diarrhea (78 cases, 12%), aphthae (63
cases, 9.6%), epistaxis or gingivorrhagia (59 cases, 9.0%),
and rash (496 cases, 76%). Overall, 137 (21%) were hos-
pitalized for chikungunya infection for a median duration
of 2 days (range 1-75 days). Signs of infection began a
median of 108 days before delivery (range 1-263 days),
and only 4 infected women (0.6%) had symptoms in the 7
days before delivery.

Pregnancy outcomes included 656 live births to women
who were infected and 653 to those who were not infected
(including 8 and 14 pairs of twins, respectively); 5 and 8,
respectively, stillbirths after 22 weeks of gestation, and 5
and 8, respectively, miscarriages before 22 weeks. Of the
4 children born to mothers infected by chikungunya during
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Table 1. Chikungunya virus infections in 1,400 pregnant women,
by onset or lack of symptoms, Réunion, France, 2006*

Symptoms No. infected Diagnosis
Symptoms during pregnancy, n = 705
Yes 658 Exposed
No 6 Not exposed
Unknown 41 Excluded
No symptoms, n = 668
Yes 46 Excluded
No 622 Not exposed
Symptoms before pregnancy, n = 27
Yes 27 Not exposed

*Infection was confirmed by positive serologic or reverse transcription—
PCR results. Women infected before pregnancy were considered not
infected during pregnancy.

the last week of pregnancy, 1 newborn had signs of infec-
tion on the third day of life, and RT-PCR and IgM sero-
logic analysis confirmed the infection. The mother had had
chikungunya symptoms the day before delivery. The other
3 neonates remained asymptomatic and had no detectable
IgM against chikungunya virus. Of 624 placentas examined
from women found to be infected during pregnancy, only
the placenta from the case of mother-to-child transmission
had histologic signs compatible with viral infection.

RT-PCR was performed to test for the viral genome
in the placenta or amniotic fluid from 3 of the 5 stillbirth
fetuses (>22 weeks) of women with chikungunya infec-
tions. The test result was positive in 2 cases, in which chi-
kungunya symptoms in the mothers had begun 25 and 70
days before the fetal loss. For the 8 miscarriages before 22
weeks, RT-PCR was performed on trophoblast tissue for 1
case and the result was negative.

Women infected by chikungunya during pregnancy
were more likely to have been born in Réunion, to have
stopped going to school at a younger age, to be unmarried,
overweight, or already have children (Table 2). They also
differed by maternity center. Multivariate analysis showed
that only 2 characteristics were significantly different: edu-
cational level (primary school OR 1.48,95% CI 1.11-1.97,
high school as reference; university OR 0.54, 95% CI 0.38—
0.77) and being overweight (body mass index >25 kg/m?,
OR 1.76, 95% CI 1.22-2.55).

After we controlled for potential confounders, the
only difference in pregnancy characteristics between in-
fected and uninfected women (Table 3) was the frequency
of hospital admissions during pregnancy (40% vs. 29%).
This difference disappeared when hospital admission for
suspected chikungunya was excluded (26% vs. 28%).
Other maternal and neonatal outcomes were similar in
both groups. Excluding women infected before pregnan-
cy or included after May 2006 from the analysis did not
modify the results (Table 3). Congenital malformations
observed in newborns as a function of maternal exposure
are shown in Table 4.
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In early May, we conducted a 3-day survey of all wom-  in the study cohort. The inclusion rate differed according to
en giving birth in the maternity units participating in the maternity unit, ranging from 16% to 88%. The mean pro-
study. Of 113 women interviewed, 43% (49) were included  portion of women asked to participate was 62% (70/113),

Table 2. Characteristics of women infected and not infected with chikungunya virus during pregnancy, Réunion, France, 2006*

Characteristic Infected, no. (%), n = 658 Not infected, no. (%), n = 655 p valuet

Born in Réunion
Yes 545 (84.1) 510 (79.2)

No 103 (15.9) 134 (20.8) 0.02

Education
Primary school 331 (52.2) 214 (34.3 <0.0001
High school 198 (31.2) 200 (32.1)

University 105 (16.6) 209 (33.6)

Marital status
Lives alone 252 (39.0) 207 (32.0) 0.008
Lives with partner 394 (61.0) 440 (68.0)

History of diabetes
Yes 17 (2.6) 14 (2.1)

No 641 (97.4) 641 (97.9) 0.59

History of hypertension
Yes 23 (3.5) 27 (4.1)

No 635 (96.5) 627 (95.9) 0.55

Previous pregnancies <22 wks
Yes (>1) 273 (41.6) 258 (39.5)

No 384 (58.4) 395 (60.5) 0.45

Mean parity 1.4 (1.6) 1.1(1.4) <0.0001
0 216 (32.9) 278 (42.7) 0.0004
1 199 (30.3) 181 (27.8)

2 110 (16.8) 106 (16.3)
>3 131 (20.0) 86 (3.2)

Previous stillbirth or neonatal death
Yes 22 (3.3) 12 (1.8)

No 636 (96.7) 643 (98.2) 0.08

Previous preterm delivery
Yes 44 (6.7) 27 (4.1)

No 614 (93.3) 626 (95.9) 0.04

Previous child >2,500 g
Yes 70 (10.7) 55 (8.4)

No 587 (89.3) 598 (91.6) 0.17

Previous cesarean
Yes 71 (10.8) 66 (10.1)

No 587 (89.2) 586 (89.9) 0.69

Mean age at delivery, y 28.6 (6.9) 28.8 (6.4) 0.52
<20 71 (10.8) 69 (10.5) 0.94
20-29 309 (47.0) 303 (46.3)
>30 278 (42.2) 283 (43.2)

Mean body mass index, kg/m* 24.7 (5.9) 23.4 (5.1) <0.0001
<25 390 (60.8) 454 (71.5) <0.0001
25-29 137 (21.3) 113 (17.8)
>30 115 (17.9) 68 (10.7)

Center
1 165 (25.1) 188 (28.7) <0.0001
2 196 (29.8) 153 (23.4)

3 62 (9.4) 71 (10.8)
4 21(3.2) 9(1.4)
5 118 (17.9) 182 (27.8)
6 96 (14.6) 52 (7.9)

*Women infected before pregnancy were considered not infected during pregnancy.
By Wilcoxon rank-sum test for continuous variables and 3 test for nominal variables.
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Table 3. Pregnancy outcome according to chikungunya virus infection during pregnancy, Réunion, France, 2006*

Infected, T Not infected, Unadjusted OR Adjusted OR
Characteristic no. (%), n =658 no. (%), n =655 pvalue (95% ClI) (95% ClI)
Hospital admission during pregnancy
Yes 266 (40.4) 191 (29.2) 1.65 (1.31-2.07)  1.52 (1.18-1.95)
No 392 (59.6) 464 (70.8) <0.0001 1 1

Hospital admission during pregnancy, suspected infection with chikungunya virus excluded

Yes 180 (28.0) 136 (26.1) 0.91 (0.70-1.18)  0.83(0.62-1.10)
No 464 (72.0) 385 (73.9) 0.48 1 1
Vaginal bleeding during pregnancy
Yes 55 (8.4) 68 (10.4) 0.79 (0.55-1.15)  0.94 (0.63-1.42)
No 596 (91.6) 584 (89.6) 0.22 1 1
Obstetric hemorrhaging
Yes 36 (5.6) 42 (6.5) 0.85(0.54-1.35)  0.87 (0.53-1.42)
No 609 (94.4) 605 (93.5) 0.49 1 1
Mode of delivery§
Vaginal 545 (83.8) 530 (81.5) 0.27 1 1
Cesarean 105 (16.2) 120 (18.5) 0.85(0.64-1.14)  0.77 (0.56-1.06)
Mean gestational age, wk§ 39.0 (2.1) 38.9 (2.5) 0.55
<32 8(1.2) 15 (2.3) 0.26 0.52 (0.22-1.24)  0.48 (0.19-1.23)
32-36 53 (8.2) 60 (9.2) 0.86 (0.59-1.27)  0.78 (0.51-1.20)
>37 589 (90.6) 575 (88.5) 1 1
Mean birthweight, g8 3,116 (549) 3.056 (620) 0.27
<2,000 20 (3.1) 32 (4.9) 0.36 0.62 (0.35-1.11) 0.66 (0.36-1.22)
2,000-2,999 235 (35.9) 236 (35.7) 0.99 (0.79-1.25)  1.01 (0.79-1.30)
3,000-3,999 372 (56.9) 371 (56.1) 1 1
>4,000 27 (4.1) 22 (3.3) 1.22 (0.69-2.19) 1.25(0.65-2.39)
Stillbirth after 22 wk§
Yes 5(0.8) 8(1.2) 0.63 (0.20-1.93) 0.61 (0.18-2.07)
No 653 (99.2) 656 (98.8) 0.41 1 1
Congenital malformation
Yes 19 (2.9) 15 (2.2) 1.36 (0.68-2.74)  1.54 (0.68-3.49)
No 647 (97.1) 654 (97.8) 0.48 1 1
Admission to neonatal care§
Yes 53 (8.1) 55 (8.3) 0.97 (0.65-1.44)  1.03 (0.67-1.58)
No 605 (91.9) 609 (91.7) 0.88 1 1

*OR, odds ratio; Cl, confidence interval. OR was adjusted for center, educational level, body mass index, and maternal age. Women infected before

pregnancy were considered not infected during pregnancy.

TOf the 658 women who were infected, 650 had delivered a child after 22 weeks; 658 children were delivered by these women.
F0Of the 655 women who were not infected, 650 had delivered a child after 22 weeks; 664 children were delivered by these women.

S§Miscarriage before 22 weeks was excluded.

and the mean acceptance rate was 70% (49/70); 43% (21)
of the women included thought that they had had chikun-
gunya infection during pregnancy compared with 6% (4) of
those not included (p<0.0001). Mean parity (2.1 vs. 2.6; p
= 0.08), mean maternal age (28.6 years vs. 29.1 years; p =
0.70), mean gestational age at delivery (39.1 weeks vs. 38.7
weeks; p = 0.14), and mode of delivery (18% vaginal vs.
17% cesarean; p = 0.87) did not differ between the women
who were or were not included.

Discussion

In this comparative study, we did not observe any ef-
fect of chikungynya infection on pregnancy outcomes ex-
cept for the number of prenatal maternal hospital admis-
sions for chikungunya symptoms. Our study involved a
high proportion of maternity units and births in Réunion.
Women included in the study in April 2006 accounted for

73% (905/1,240) of all live births in Réunion. Systematic
determination of serologic status by identification of spe-
cific IgM and IgG confirmed infection status. All patients
for whom chikungunya infection during pregnancy was un-
certain were excluded. We excluded women who had posi-
tive serologic results but did not report symptoms or have
a positive RT-PCR result because we could not identify the
date of infection. Studies during the outbreak in Réunion
showed that IgM tended to persist for 12 to 24 months and
cannot be used to identify the date of infection (21).
Because inclusion in the study began in April 2006 after
the outbreak had peaked, we could not analyze pregnancies
completed before this date. Therefore, our study does not
describe the consequences of the outbreak on the risk for
miscarriage or preterm delivery during the first quarter of
2006. The study included only pregnancies with outcomes
after that quarter. Most of the women were infected before
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Table 4. Congenital malformation classification, according to ICD-10 code, as a function of maternal exposure to chikungunya virus

during pregnancy, Réunion, France, 2006*

Classification

Exposure to chikungunya virus during pregnancy,
no. newborns, n = 34

Yes No

Chromosomal (Q90, Q91, Q96)

Neural tube (Q03, Q05)

Cardiovascular (Q20, Q21, Q25, Q26)

Kidneys, urinary tract, genital organs (Q53, Q55, Q61, Q62, Q63)
Limbs, thorax, bones, and spine (Q66, Q69, Q71, Q74, Q76)
Ear, cleft palate (Q17, Q35)

Other (D22, Q33, Q40, Q42, Q89, T21)

w0 wWww
O © Ul O K

4 3

*|CD-10, International Classification of Diseases, 10th revision. Total exceeds 34 because 1 child had 3 types of malformations and 7 children had 2

types.

their inclusion. The fact that many women seen in May had
already been included at a previous visit in April explains
why there were fewer inclusions in May; only pregnant
women seen for the first time or who for some reason had
not been included in April were eligible. A disadvantage of
conducting a study during an outbreak is that its duration
cannot be known in advance. For this reason, the number of
women was smaller than planned.

Date of infection was estimated by recording the time
of symptoms and confirmed by RT-PCR and serologic test-
ing. The positive predictive value of symptoms was reliable
because infection was confirmed in #93% of women with
suggestive symptoms and ruled out in <1% of these wom-
en. The negative predictive value was also reliable because
serologic results were negative for 93% of the women with-
out symptoms. These values are similar to the positive pre-
dictive value (91%) and negative predictive value (87%) of
symptoms observed in a survey of a representative sample
of the population in Réunion at the end of 2006 (4). These
results confirm that clinical signs of chikungunya have an
excellent predictive value during an outbreak.

Women who thought that they had had chikungunya
infection during their pregnancy because they had symp-
toms were more likely to agree to participate in the cohort
than the women without such symptoms. There were also
disparities in the inclusion rate according to maternity cen-
ter. Because of these differences, women included in this
study were not representative of the population of pregnant
women during this period in Réunion. These differences
in the inclusion rate according to symptoms and hospital
make it impossible to estimate the attack rate of infection
among the population of pregnant women. However, be-
cause other characteristics (parity, age, gestational age at
delivery, mode of delivery) were similar, sampling did not
create any bias for comparisons between exposed and un-
exposed women.

The rarity of placental histologic lesions (in only 1 of
624 women with chikungunya infection during pregnancy)
confirmed the absence of placental infection by the virus
and explained the rarity of cases of fetal chikungunya infec-
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tion before birth (22). Couderc et al. recently showed that
human syncytiotrophoblast tissue is refractory to chikun-
gunya infection (23). During the outbreak in Réunion, only
3 cases of fetal chikungunya infection at the beginning of
the second trimester were reported (12). All other reported
cases involved symptomatic newborns with chikungunya
infection in the days after birth, for whom the presumed
mechanism of viral transmission was direct passage from
maternal blood into the fetal circulation through placental
breaches during labor (11). Kwiek and others showed that
maternal—fetal microtransfusions that occur during labor
promote HIV-1 transmission from mother to child (24).

Our results are consistent with those of Gérardin et al.,
who showed that most cases of maternal—fetal transmission
of chikungunya virus occurred at birth (22). Because we
systematically determined chikungunya serologic status,
we could compare pregnancy outcomes between infected
and uninfected women. We found no difference in risk for
hospitalization (except for suspected chikungunya), pre-
term delivery, low birthweight, or admission to neonatal
care. However, the number of women tested enabled us
to show a difference of 7% for prevalence of admission
during pregnancy, 5% for preterm delivery, 82 g for fetal
weight, and 5% for admission to neonatal care (B = 0.20
and o = 0.05).

Stillbirths were not more frequent among women with
chikungunya infection during pregnancy than among un-
infected women, even though >62% of infected women
had fevers. This observation appears to conflict with the
hypothesis that fever plays a direct role in in utero deaths.
However, because of the rarity of this event (0.64% in 2002
in Réunion) (25), the power of the study is insufficient to
justify any definitive conclusion.

In our sample, the minimum detectable difference was
1.8% for stillbirths (0.6% vs. 2.4%, B = 0.20 and o = 0.05).
For early fetal loss before 22 weeks, the number of events
(13/1,313 women) was lower than the number expected
probably because most participants were included after that
term. For this reason, we could not analyze outcome and
reach a conclusion for this point.
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Chikungunya infection can also induce hemorrhagic
complications (11). Overall, 59 infected mothers reported
epistaxis or gingivorrhagia, but these symptoms are fre-
quent in pregnant women. We found no difference in the
risk for vaginal bleeding during pregnancy or for third-
stage hemorrhage.

We observed more congenital malformations in babies
exposed to chikungunya in utero than in unexposed babies
(19 vs. 15). However, this difference was not significant and
we could not reach a definitive conclusion for this factor
because only 99 women in our sample had a chikungunya
infection during the first trimester. It would have required
1,340 children in each group to show a doubling of the risk
(4% vs. 2%) with a power of 80% (B = 0.20 and o = 0.05).
There is no information on long-term consequences of in
utero exposure to chikungunya. Some newborns in our co-
hort were followed up until the age of 2 years. Analyses are
underway to assess long-term consequences.

Chikungunya infection was more frequent in women
with a lower educational level. That disadvantaged popu-
lations are overexposed to transmissible infectious dis-
eases, including dengue and chikungunya, has been shown
(26,27). Therefore, during outbreaks, information and pro-
tection for all pregnant women should particularly be em-
phasized, especially for those whose educational level may
result in a lack of basic knowledge about disease preven-
tion. It might be useful to screen these women actively and
conduct home visits to verify application of basic antivector
measures (destruction of mosquito breeding sites and larval
havens around the home, wearing of long-sleeved clothing,
and use of repellents appropriate for pregnant women and
of mosquito netting).

The chikungunya vector (Ae. albopictus) is found in
Asia, Oceania, North and South America, and Europe. In-
ternational travel creates the possibility of large-scale epi-
demics in countries previously considered free of chikun-
gunya (16,28). An epidemic of chikungunya was observed
in a temperate zone (Italy) in 2007 (18). Our results will
provide information for pregnant women in unimmunized
populations during epidemics.
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Effects of Mumps Outbreak
In Hospital, Chicago, lllinois,
USA, 2006

Amanda L. Bonebrake, Christina Silkaitis, Gaurav Monga, Amy Galat, Jay Anderson,
JoEllyn Tiesi Trad, Kenneth Hedley, Nanette Burgess, and Teresa R. Zembower

In 2006, nearly 6,000 mumps cases were reported in
the United States, 795 of which occurred in lllinois. In Chi-
cago, 1 healthcare institution experienced ongoing trans-
mission for 4 weeks. This study examines the outbreak
epidemiology and quantifies the financial affect on this or-
ganization. This retrospective cohort study was conducted
through case and exposure identification, interviews, medi-
cal record reviews, and immunologic testing of blood speci-
mens. Nine mumps cases resulted in 339 exposures, 325
(98%) among employees. During initial investigation, 186
(57%) of the exposed employees had evidence of mumps
immunity. Physicians made up the largest group of noncom-
pliers (55%) with mumps immunity testing. The cost to the
institution was $262,788 or $29,199 per mumps case. The
outbreak resulted in substantial staffing and financial chal-
lenges for the institution that may have been minimized with
readily accessible electronic employee vaccination records
and adherence to infection control recommendations.

Mumps, a highly contagious illness caused by a
paramyxovirus, causes influenza-like symptoms and sali-
vary gland swelling. Although rare, complications may
include encephalitis, meningitis, orchitis, and oophoritis.
The virus replicates within the upper respiratory tract and
is transmitted through direct contact with respiratory drop-
lets or saliva and through fomites. The incubation period
ranges from 12 to 25 days; persons who contract mumps
are considered infectious from 3 days before symptoms ap-
pear through 9 days after symptoms appear. Although no
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specific treatment exists, the disease is preventable through
use of measles, mumps, rubella (MMR) vaccine usually
provided to children =1 year of age with a booster dose
administered before children start school. Clinical diagno-
sis is confirmed by laboratory testing that includes culture,
serologic analysis, or real-time reverse transcription-PCR
(RT-PCR) (1,2).

During January 1-October 7, 2006, 45 states reported
5,783 confirmed or probable cases to the Centers for Dis-
ease Control and Prevention (CDC). Six states, including I1-
linois, were responsible for 84% of reported cases. Mumps
is generally more common among unvaccinated children,
but nationally this outbreak occurred primarily among
college-age persons (3). In Chicago, reported mumps cases
began to increase in March 2006. By the end of the year,
the Chicago Department of Public Health had 73 confirmed
and probable cases. More of these cases were in an older
age group (20-29 years) than was nationally observed (4).

Most healthcare worker (HCW) cases were concentrat-
ed in | hospital, Northwestern Memorial Hospital (NMH),
Chicago Illinois, USA, which experienced ongoing trans-
mission during April 23-May 23, 2006. The situation cre-
ated resource and economic challenges to the organization.
We examine the control and effects of this outbreak in a
tertiary care center.

Methods

Clinical Setting and Patient Population

NMH is an 825-bed academic medical center. All adult
patient care rooms are single occupancy; the neonatal in-
tensive care unit (ICU) is multiple occupancy with 8 nurs-
eries each housing 4—12 isolettes (self-contained incubator
units, total of 67 isolettes). The patient cohort comprised all
mumps case-patients and persons exposed to them at NMH
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during April 23-May 23, 2006. The NMH Institutional Re-
view Board approved this study.

Definitions

According to CDC, a clinical case of mumps is de-
fined as acute onset of unilateral or bilateral tender, self-
limited swelling of the parotid or other salivary glands
lasting >2 days without other apparent cause. Confirmed
cases are either laboratory confirmed or meet the clinical
case definition and are epidemiologically linked to a con-
firmed or probable case. Probable cases meet the clinical
case definition but are neither laboratory confirmed nor
epidemiologically linked to another confirmed or probable
case. Two probable cases that are epidemiologically linked
are considered confirmed, even in the absence of labora-
tory confirmation (3,5). An exposure is defined as being
within 3 feet of a person with mumps without use of appro-
priate personal protective equipment (6). A close contact
is a visitor or family member exposed to a person with a
confirmed or probable case. Persons are considered to have
mumps immunity if they have documentation of receipt of
2 doses of mumps-containing vaccine, positive mumps im-
munoglobulin (Ig) G serologic results, or documentation
of physician-diagnosed mumps (4,7). Persons with mumps
serologies in the indeterminate range are considered non-
immune.

Outbreak Investigation

The NMH Infection Control and Prevention Depart-
ment (IC) investigated all mumps cases in an attempt to
identify the index case and all persons who were exposed.
Case-patients were placed in airborne infection isolation,
as were exposed, nonimmune patients during their incuba-
tion period. Upon hospital discharge, case-patients and ex-
posed patients were instructed to follow-up with the NMH
Infectious Diseases Clinic (ID) or their primary care physi-
cians. Similarly, patients discharged before recognition of
exposure were contacted and referred to either ID or their
primary care physician. IC sometimes needed to assign a
provisional case status and to recommend a disposition be-
fore laboratory results were known. All cases were reported
to the jurisdictional local health departments, and NMH
provisional case status was retrospectively compared with
the final case status assigned by the health departments.

According to NMH policy, all employees with com-
municable work-related illnesses or exposures are evalu-
ated in the Corporate Health Department (CH). During this
outbreak, employees with illnesses consistent with mumps
were evaluated, furloughed through day 9 of their illness,
and cleared by CH before returning to work. 11l employees
were paid either through Workers” Compensation (WC) af-
ter the first 3 days, for which employees are required by the
Illinois State Workers’ Compensation Commission to use
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personal time off, or through the Short Term Injury and
Illness Plan. Exposed employees were paid through a fur-
lough account established by NMH during days 12-25 of
the incubation period if nonimmune or while awaiting se-
rologic test results. Employee compensation was managed
through the NMH WC and Human Resources (HR) depart-
ments. Close contacts were referred to ID where immunity
was determined at no charge to them.

Infection control data were collected through inter-
views and medical record review. Patient data were ob-
tained from electronic medical records and employee data
from written medical charts. Data included name, job title
for employees; hospital location; exposure source for cas-
es; and immunologic status, including previous receipt of
MMR vaccine, history of mumps, and mumps serologic
result with laboratory test date.

Vaccine Program

Before 2003, only measles and rubella vaccination
were routinely recorded in employee health records;
thus, mumps vaccination status was often unavailable.
To quickly assess mumps immunity during this outbreak,
an intranet survey was created (SurveyMonkey, Portland,
OR, USA) and made available to all employees. CH per-
sonnel reviewed survey results; results were not corrobo-
rated during the outbreak because of time constraints. To
facilitate evaluation, counseling, and vaccination, nonim-
mune employees were seen either in CH, the Northwest-
ern Medical Faculty Foundation Travel Medicine and Im-
munization Center, or in 1 of 2 satellite clinics established
for this outbreak. Staff were classified as either high-risk
caregivers (HRCs), low-risk caregivers (LRCs) or non-
caregivers (NCs) to allow vaccine prioritization. HRCs
were those who worked in areas where mumps cases were
located or worked with pregnant or immunosuppressed
patients. LRCs were persons who cared for patients in
other inpatient or outpatient areas. To conserve resources,
NCs were encouraged to seek evaluation with their pri-
mary care physicians but were not turned away if they
sought evaluation at an NMH location.

Laboratory Evaluation

NMH’s Immunology Laboratory performs mumps
qualitative IgG antibody testing. Although most tests were
performed in house, because of a low manufacturer’s sup-
ply of test kits, patient IgG testing was sent to a reference
laboratory, and in-house testing was reserved for employ-
ees who were within 4 days of furlough. Turnaround time
for the in-house test was decreased from 72 to 24 hours,
and staffing was increased on weekends throughout the
outbreak to ensure timeliness of test results. Reference
laboratory turnaround time was 1-3 days. NMH’s Referred
Testing Department sent serum to a reference laboratory
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for IgM and IgG antibody testing and buccal swabs to the
[llinois Department of Public Health for RT-PCR.

Financial Effects and Data Analysis

The financial effects were determined by tabulating
the cost of personnel assistance and resource use. The cost
of personnel assistance (i.e., lost productivity) was system-
atically provided by departmental leaders after the investi-
gation. A total dollar value was assigned each department
by estimating the time spent by each employee on outbreak
and exposure management. The cost for resources, repre-
sented by exact dollar amounts, includes medical evalu-
ations, vaccines, laboratory evaluations, and employee
compensation. Data for personnel assistance were stratified
by department and aggregated to provide a total estimate.
Data for resources were stratified by type of activity and
aggregated to provide a total cost. Additionally, an estimate
of the cost of maintaining a routine 2-dose MMR vaccina-
tion program and adequate employee medical records was
calculated to compare with the cost of the outbreak. Data
from 2008 were used for this calculation because 2008
was the first year NMH had complete financial records for
the 2-dose MMR vaccination program. Financial data are
rounded to the nearest dollar amount.

Results

Outbreak Investigation

Nine mumps cases occurred at NMH, 7 among em-
ployees and 2 among inpatients (Table 1). Six were pri-
mary and 3 were secondary cases (Figure 1). Eight cases
were symptomatic. Eight case-patients were women; the
average age of all case-patients was 34 years (range 26—39
years). Two had documented receipt of 2 MMR vaccines, 2

had positive IgM serologic results, and none had documen-
tation of prior mumps infection. Retrospectively, jurisdic-
tional health departments assigned case status as follows:
4 confirmed, 3 probable, and 2 that could not be confirmed
because even though both had clinical symptoms, 1 had
negative laboratory results and the other had no known his-
tory of exposure.

During the outbreak, 339 persons (325 employees and
14 close contacts) were reported as having been exposed to
a person with mumps, resulting in an average of 38 expo-
sures per case (Figure 2). Of the 325 employees, 186 (57%)
were deemed immune: 16 (9%) with documented physi-
cian-diagnosed mumps, 14 (7%) with documented receipt
of 2 doses of mumps-containing vaccine, and 156 (84%)
with prior laboratory evidence of immunity. None of these
employees required time off work because of the timely re-
porting of their mumps immune status. The remaining 139
(43%) employees required laboratory testing for immunity.
Of these, 63 (45%) underwent testing, with serologic re-
sults as follows: 33 (52%) positive, 11 (18%) equivocal,
and 19 (30%) negative. Overall, 219 (88%) of the 249
HCWs evaluated were immune to mumps. The remaining
76 (55%) employees who required testing for mumps im-
munity did not comply with CH evaluation (Figure 3). Of
these persons, physicians made up 55%; registered nurses
(RNs), 29%; unit staff, 13%; and nonunit staff, 3%. Four-
teen close contacts required laboratory testing for mumps
immunity, and all were immune.

A total of 59 employees were absent from work for
282 days for reasons that included having mumps, being
nonimmune, and awaiting symptom evaluation or labora-
tory test results (Table 2). Employee time off work ranged
from 1 to 24 days (average 5 days). RNs accounted for
most of the work absences (n = 25, 42%) and took off the

Table 1. Epidemiology of 9 mumps cases, Northwestern Memorial Hospital, Chicago, lllinois, USA, 2006*

Case  Patient  No. MMR vaccine Date of symptom _ Serologic test results DoH case
no. age, y/sex doses received Clinical signs onset IgM 1gG disposition
1 35/F 1 Fatigue, unilateral facial Apr 24 - + Not a case
swelling
2 30/F 0 Fever, chills, stiff neck, bilateral May 5 - + Not a case
facial swelling
3 26/F 2 Fatigue, fever, headache, stiff May 12 IND + Probable
neck, bilateral facial swelling
4 39/F 0 Headache, sore throat, stiff May 15 + IND Confirmed
neck, myalgias, bilateral facial
swelling
5 38/F 0 Flu-like illness, bilateral facial May 19 - + Probable
swelling
6 30/F 0 Headache, sore throat, May 19 - + Probable
myalgias, tender
submandibular nodes
7 26/F 2 Sore throat, headache, bilateral May 22 - + Confirmed
facial swelling
8 44/F 1 Bilateral facial swelling May 22 - + Confirmed
9 35/M 0 Asymptomatic May 23 + + Confirmed

*MMR, measles, mumps, rubella; Ig, immunoglobulin; DoH, Department of Health; —, negative; +, positive; IND, indeterminate.
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Figure 1. Epidemiology of 9 mumps cases at Northwestern Memorial
Hospital, Chicago, lllinois, USA, April 23—May 23, 2006. Black bars,
community-acquired cases among staff members; white bars,
community-acquired cases among patients; red bars, secondary
cases among staff members; blue bars, presumed work-related
cases among staff members; CT1, first chain of transmission; CT2,
second chain of transmission.

most days (94 days, 33%), followed by resident physicians
(49 days, 17%). Furlough was the most used type of time
off, with 229 days (81%), primarily for nonimmunity (178
days, 78%) followed by furlough awaiting serologic test
results (51 days, 22%).

During April 1-June 31, 2006, 416 mumps IgG serolo-
gies were performed at NMH; 58 IgM and 207 IgG sero-
logic results were sent to a reference laboratory. Twenty-
nine buccal swabs were sent to the Illinois State Laboratory
for mumps RT-PCR, and only 2 were positive, both from
outpatients unrelated to the institutional outbreak.

Vaccine Program

Ofthe 6,600 NMH employees, 5,150 (78%) completed
the intranet survey to assess their mumps immunity (Fig-
ure 4). Of these, 1,560 (30%) were HRCs and 3,590 (70%)
were LRCs or NCs. Ninety-one percent of HRCs and 74%
of LRCs and NCs completed the survey. Of the HRCs
who completed the survey, 699 (45%) required additional
follow-up; however, only 355 (51%) complied. Of those
who complied, 228 (64%) received vaccination. In com-
parison, 1,072 (30%) LRCs and NCs required additional
follow-up, and 386 (36%) complied. Of these, 223 (58%)
received vaccination. Overall, 127 (36%) of HRCs and 163
(42%) of LRCs or NCs either declined or did not require
vaccination. The average time for employee evaluation in
CH was 3045 minutes, and the 2 satellite clinics operated
for 177 hours. From April 20 through September 1, 2006,
CH administered a total of 755 MMR vaccinations, 451 to
survey participants.

Financial Effects

The estimated cost of personnel assistance during the
mumps outbreak was $66,432, led by IC at $36,746 (55%)
(Table 3). The largest contribution from a hospital unit
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was the neonatal ICU at $6,624 (10%). The actual cost of
resources was $196,356. The largest resource contribu-
tors were HR resulting from compensation for employee
time off work at $91,318 (47%) and CH at $56,256 (27%)
from time required for medical record review. The total
cost of the outbreak was $262,788, representing a 3:1 ratio
of resource to personnel costs. Cost per mumps case was
$29,199.

In comparison, in 2008 maintaining a routine 2-dose
MMR vaccination program and adequate employee medi-
cal records cost #$66,025. This figure represents the annual
number of new employees (n = 978), all of whom required
a $30 medical record review and the annual number of
MMR vaccinations given (n = 667) at $55 each. Thus, the
cost of controlling the mumps outbreak was 4x the cost of
maintaining a routine MMR prevention program.

Discussion

Transmission of mumps can occur within hospitals,
but outbreaks with secondary transmission such as the
one at NMH are rarely reported (8,9). One of the most
widely reported incidents of nosocomial transmission oc-
curred during a community mumps outbreak in Tennessee
in 1986-1987 (8). Although only a small number of cases
were nosocomially transmitted, this in-hospital outbreak il-
lustrates the threat that mumps and other illnesses can pose
to patients and HCWs (8,10).

Although investigators have quantified the impact of
nosocomial mumps outbreaks, in-depth analysis of resource
use during a large-scale nosocomial mumps outbreak has
not been published (9,11). Analysis of this outbreak as-
signed a cost for the resources used and the personnel af-
fected. Most of the resource cost was attributable to HR

9 mumps case-patients
(7 employees, 2 patients)

; ‘ |

325 employee exposures 14 close contact exposures

‘ 186 (57%) immune ‘ [ 139 (43%) required serologic testing| 14 (100%) immune on the basis
l of positive serologic test results
16 (9%) physician- 76 (55%) not tested or 63 (45%) tested for immunity
documented mumps no results available

14 (7%) vaccination
33 (52%) immune on the basis
Er ]
156 (84%) positive
serologic test results 11 (18%) nonimmune on the basis of
indeterminate serologic test results

19 (30%) nonimmune on the basis
of negative serologic test results

Figure 2. Immune status results among employees and close
contacts exposed to 9 persons who had mumps, Northwestern
Memorial Hospital, Chicago, lllinois, USA, 2006. For those deemed
immune, immunity is grouped based on historical documentation
of serologic status, mumps infection, or vaccination. All others
were required to report for serologic testing during the outbreak;
for those who complied with the required testing, immune status
is provided.
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Figure 3. Mumpsimmunity status and compliance among employees,
Northwestern Memorial Hospital, Chicago, lllinois, USA, 2006.
Black bars, no. employees with history of immunity; white bars, no.
employees who complied with required antibody titer testing; red
bars, no. employees who did not comply with required antibody
titer testing; black line, percentage of employees in compliance.
Unit staff consisted of nurse managers, secretaries, patient care
technicians, clinical coordinators, and emergency department
assistants; nonunit staff consisted of applications analysts,
counselors, radiographers, resource coordinators, respiratory
therapists, records specialists, safety technicians, patient escorts,
housekeeping workers, and food services workers.

for compensation for staff work absences and to CH for
employee health record review. Additionally, personnel
most affected were from IC and from the neonatal ICU, the
inpatient unit requiring the most staffing substitutions. In
comparison, a nosocomial mumps outbreak in Utah in 1996
reported the total cost of the outbreak in an inpatient pedi-
atric facility was $3,140, substantially lower than our cost
(9). Examination of these 2 outbreaks, however, indicates
that they are not comparable. The Utah facility was much
smaller than NMH (45 vs 825 beds), had fewer staff, and
had only 2 cases. The smaller work environment and mag-
nitude of the outbreak posed less opportunity for exposure
to an infected person and required far fewer resources for
outbreak control. In contrast, a neonatal ICU outbreak of
infection with respiratory syncytial virus, an illness spread
through a similar route, involving 9 infants was reported
to have cost >$1.15 million (12). Although the number of
cases is similar to ours, the increased cost of the outbreak of
infection with respiratory syncyntial virus reflects the need
for intensive care and expensive postexposure prophylaxis
(12). These discrepancies highlight the need for organiza-
tions to conduct and report detailed disease-specific analy-
ses to assist similar institutions planning for resource use
during outbreak prevention and control.

At NMH, the lack of complete and easily retrievable
employee health records contributed substantially to the
overall outbreak cost. Until recently, only documentation
of rubella and measles immunity was required and mumps
immune status was often not recorded; additionally, vac-
cination information was not available electronically. Dur-
ing the outbreak, the need to rapidly evaluate the mumps
immunity of our workforce would have required review of
>6,000 employee health records, a task not deemed practi-
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cal to prevent ongoing disease transmission and excessive
employee furlough. This challenge led to development of
an electronic survey to query employees about their mumps
immunity. Although obviously suboptimal, this approach
allowed CH to focus on record review for employees who
either did not know their status or did not respond to the
survey and to manage the ongoing vaccine campaign.
This situation is not unique to NMH. Analysis of previous
mumps outbreaks identified complete and easily retriev-
able employee vaccination records as an integral step in
reducing the resource and financial costs to the hospital
(8,9,13,14). If employee health information was complete
and accessible, more than one fourth of our outbreak cost
might have been averted.

Vaccination of HCWs is vital to mumps outbreak
prevention. Although numerous outbreaks have occurred
in populations with only 1-dose vaccine coverage, the na-
tional mumps outbreak of 2006 occurred during the high-
est 2-dose vaccine coverage in the United States at 87%,
making this the first large-scale national mumps outbreak
associated with 2-dose vaccine failure. The estimated
herd immunity threshold for mumps ranges from 88% to
92%, and during the outbreak at NMH, 88% of our evalu-
ated workforce reported mumps immunity. The experi-
ence nationally and at our institution supports the concept
that an increased level of group-specific immunity may
be required to prevent transmission in settings in which
close or prolonged contact occurs, particularly in crowd-
ed conditions, such as those within healthcare institutions
(9,13,15). The possibility of vaccine failure highlights the
need to maximize immunity among HCWs with 2 doses

‘ 6,600 employees ‘

‘ 5,150 (78%) employees completed survey ‘

1,560 (30%) high-risk caregivers

699 (45%) required 861 (55%) self-reported
corporate health follow-up immunity

—

344 (49%) did not
receive follow-up

‘ 3,590 (70%) low-risk or noncaregivers ‘

l—‘—l

1,072 (30%) required 2,518 (70%) self-
corporate health follow-up reported immunity

355 (51%) received
follow-up

228 (64%) 127 (36%) declined 223 (58%) 163 (42%) declined
vaccinated vaccinated

ordd e " acnsion
Figure 4. Survey results of self-reported mumps immunity among
workforce, Northwestern Memorial Hospital, Chicago, lllinois, USA,
2006. Results are categorized by high-risk caregivers, those who
worked in areas where mumps cases were located or worked
with pregnant or immunosuppressed patient populations; low-
risk caregivers, those who cared for patients in other inpatient or
outpatient areas; or noncaregivers. Compliance with corporate
health evaluation and vaccination for those who did not report
immunity are also shown.

386 (36%) received
follow-up

686 (64%) did not
receive follow-up
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Table 2. Characteristics of employee work absences during mumps outbreak, Northwestern Memorial Hospital, Chicago, lllinois, USA,

2006*
Type of time off Job title No. employees Days allowed
PTO Registered nurse 1 3
Patient escort 1 2
Short-term injury and iliness plan Unit secretary 1 6
wcC Patient care technician 1 24
Registered nurse 1 10
WC and PTO Registered nurse 2 8
Furlough
Because of nonimmunity Registered nurse 9 48
Physician 5 49
Unit stafft 9 42
Nonunit stafff 7 39
Because of pending titer results Registered nurse 12 25
Unit staff 8 20
Nonunit staff 2 6
Total 59 282

*PTO, personal time off; WC, workers’ compensation

tNurse managers, secretaries, patient care technicians, clinical coordinators, emergency department assistants.
TApplications analyst, counselor, radiographer, resource coordinator, respiratory therapist, records specialist, safety technician, patient escort,

environmental services, food services.

of MMR vaccine and to address the age of administration
of an MMR booster or the addition of a third vaccine dose
to prevent future outbreaks (13-15).

Our outbreak highlights the inaccuracies that can exist
in mumps case recognition, resulting in both underestima-
tion and overestimation of disease. Cases can be underes-
timated because patients are contagious for days before
symptoms appear, and up to one third of patients never
develop symptoms but can still spread disease. Notably, 1
exposed, asymptomatic employee underwent IgG and [gM
testing and was positive for [gM. Fortunately, no secondary
cases are known to have resulted from exposure to this per-
son. In addition, overestimation can occur when presump-
tive case status is assigned on the basis of clinical presen-
tation before laboratory results are available. At NMH, 2
probable cases could not be confirmed by the health depart-
ments. These cases led to additional exposure evaluations.
Although prompt initiation of infection control measures is
vital to control a mumps outbreak, investigators should be
aware of the challenges in accurate case recognition.

The lack of laboratory resources also increased the
cost of the outbreak. The on-site laboratory testing facil-
ity required increased staffing to complete timely serologic
testing and later had a shortage of testing kits. The need
to send specimens to a reference laboratory delayed test
results and led to assignment of presumptive case status
on the basis of symptoms resulting in potentially unnec-
essary exposure evaluations. In addition, the hospital had
to furlough exposed employees whose immune status was
unknown until serologic results were available.

The lack of compliance with IC recommendations for
exposure evaluation and vaccination was evident primarily
among physicians. This reaction was similar to that dur-
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ing a mumps outbreak in 1987 at the Chicago Mercantile
Exchange in which the intense nature and competitiveness
of the profession encouraged employees to work while ill
(16). The reasons for lack of compliance at NMH, particu-
larly among physicians, are unknown, but the urgent nature
of the profession is expected to have played a major role.
That some employees minimized the risk for exposure or
thought the follow-up process was too cumbersome also
has been speculated. Another finding was the discovery of
a few persons who claimed exposure to benefit from time
off work. Cooperation between CH, IC, WC, and HR led to
detection and management of these rare instances.

Table 3. Financial effects of mumps outbreak, Northwestern
Memorial Hospital, Chicago, lllinois, USA, 2006*

Type of expense and department Cost, US$*
Personnel
Human resources 1,066
Infection control and prevention 36,746
Laboratories 7,312
Medical administration 1,500
Nursing units 10,808
Patient escort 1,200
Risk management 300
Environmental and occupational safety 7,500
Total personnel cost 66,432
Resources
Corporate health 56,256
Human resources employee compensation 91,318
Infectious diseases clinic 1,000
Laboratories 6,842
Travel medicine and immunization center 2,240
Vaccination program 38,700
Total resource cost 196,356
Total cost to hospital 262,788
*Rounded to the nearest dollar.
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When examining the types of employee compensation
provided, an inherent inequality was established. Ill em-
ployees were not fully compensated for their work absence
(67% of the employee’s average weekly wage after taking 3
days of personal time off). These employees were required
to take WC, and the rate of compensation is set accord-
ing to the Illinois Workers” Compensation Act (www.state.
il.us/Agency/IIC/act.pdf). In contrast, exposed employees
were compensated by a system specifically established for
this outbreak by the hospital because WC will not cover
such costs. These persons were compensated 100% of their
salary. This unbalanced system of reimbursement may re-
quire reevaluation for future outbreaks so that ill persons do
not feel penalized or fail to self-disclose illness.

This study has several limitations. First, recall bias
may have occurred, particularly when departmental lead-
ers retrospectively estimated personnel costs. Second, the
reliability of self-reported information obtained through
interviews and the intranet survey regarding mumps immu-
nity was not validated during the outbreak and may have
contributed to either overestimation or underestimation of
mumps immunity in our workforce. Finally, the findings of
this study may not be generalizable because all healthcare
institutions are unique environments.

We examined the effects of the 2006 national mumps
outbreak within a healthcare institution. Our cost of
>$262,000 makes a strong business case for healthcare or-
ganizations to improve infectious diseases prevention and
control strategies. A comprehensive program that consists
of maintaining complete electronic employee health re-
cords, identifying cases and employee exposures rapidly,
enforcing compliance with infection control recommenda-
tions, and developing plans to alleviate laboratory short-
ages is of paramount importance for outbreak control. Re-
ports of detailed epidemiologic and financial analyses of
infectious disease outbreaks can facilitate emergency pre-
paredness and response planning for comparable healthcare
organizations.

Acknowledgments

We thank Northwestern Memorial Hospital and Northwest-
ern University Feinberg School of Medicine for providing finan-
cial support for this research.

Ms Bonebrake is an infection control practitioner at the Uni-
versity of Chicago Medical Center, focusing on maternal-child
health and surgical practices and infections. Her research interests
include issues with interactions between public health and health-
care epidemiology.

References

1. Chotani RA, Roghmann M, Perl TM. Nosocomial infections. In:
Nelson KE, Masters Williams CF, editors. Infectious diseases epi-
demiology: theory and practice, 2nd ed. Sudbury (MA): Jones and
Bartlett Publishers, Inc.; 2007. p. 505-74.

2. Centers for Disease Control and Prevention. Mumps in short [cited
2008 Oct 3]. http://www.cdc.gov/vaccines/vpd-vac/mumps/in-short-
adult.htm

3. Centers for Disease Control and Prevention. Brief report: up-
date: mumps activity—United States, January 1-October 7, 2006.
MMWR Morb Mortal Wkly Rep. 2006;55:1152-3.

4. Chicago Department of Public Health. CD info: communicable dis-
ease information: mumps. Monthly Morbidity Report. 2007;1-3.

5. Centers for Disease Control and Prevention. Case definitions for
infectious conditions under public health surveillance. MMWR Re-
comm Rep. 1997;46(RR-10):1-55.

6. Centers for Disease Control and Prevention. Mumps—prevention
and control of mumps in healthcare settings [cited 2008 Oct 3].
http://www.cdc.gov/vaccines/vpd-vac/mumps/outbreak/control-
hew.htm

7. Centers for Disease Control and Prevention. Notice to readers: up-
dated recommendations of the Advisory Committee on Immuniza-
tion Practices (ACIP) for the control and elimination of mumps.
MMWR Morb Mortal Wkly Rep. 2006;55:629-30.

8. Wharton M, Cochi SL, Hutcheson RH, Schaffner W. Mumps
transmission in hospitals. Arch Intern Med. 1990;150:47-9. DOI:
10.1001/archinte.150.1.47

9. Fischer PR, Brunetti C, Welch V, Christenson JC. Nosocomial
mumps: report of an outbreak and its control. Am J Infect Control.
1996;24:13-8. DOI: 10.1016/S0196-6553(96)90048-6

10. Zivna I, Bergin D, Casavant J, Fontecchio S, Nelson S, Kelley A,
et al. Impact of Bordetella pertussis exposures on a Massachu-
setts tertiary care medical system. Infect Control Hosp Epidemiol.
2007;28:708-12. DOI: 10.1086/518352

11. SuyamaJ, Savitz L, Chang H, Allswede M. Financial implications of
hospital response to bioterrorism based on diagnosis-related group
analysis. Prehosp Disaster Med. 2007;22:145-8.

12. Halasa NB, Williams JV, Wilson GJ, Walsh WF, Schaffner W,
Wright PF. Medical and economic impact of a respiratory syncytial
virus outbreak in a neonatal intensive care unit. Pediatr Infect Dis J.
2005;24:1040—4. DOI: 10.1097/01.inf.0000190027.59795.ac

13. Kancherla VS, Hanson IC. Mumps resurgence in the United
States. J Allergy Clin Immunol. 2006;118:938-41. DOI: 10.1016/j.
jaci.2006.07.033

14. Miller C. Mumps resurgence prompts revised recommendations.
Minn Med. 2007;90:41-3.

15. Dayan GH, Quinlisk MP, Parker AA, Barskey AE, Harris ML,
Schwartz JM, et al. Recent resurgence of mumps in the United States.
N Engl J Med. 2008;358:1580-9. DOI: 10.1056/NEJM0a0706589

16. Kaplan KM, Marder DC, Cochi SL, Preblud SR. Mumps in the
workplace. Further evidence of the changing epidemiology of a
childhood vaccine-preventable disease. JAMA. 1988;260:1434-8.
DOI: 10.1001/jama.260.10.1434

Address for correspondence: Teresa R. Zembower, Division of Infectious
Diseases, Northwestern University, 645 N Michigan Ave, Suite 900,
Chicago, IL 60611, USA; email: t-zembower@northwestern.edu

Search past issues of EID at www.cdc.gov/eid

432

Emerging Infectious Diseases ¢ www.cdc.gov/eid « Vol. 16, No. 3, March 2010



Blood Meal Analysis to Identify
Reservoir Hosts for Amblyomma
americanum Ticks

Brian F. Allan, Lisa S. Goessling, Gregory A. Storch, and Robert E. Thach

Efforts to identify wildlife reservoirs for tick-borne patho-
gens are frequently limited by poor understanding of tick—
host interactions and potentially transient infectivity of hosts
under natural conditions. To identify reservoir hosts for lone
star tick (Amblyomma americanum)—associated pathogens,
we used a novel technology. In field-collected ticks, we used
PCR to amplify a portion of the 18S rRNA gene in rem-
nant blood meal DNA. Reverse line blot hybridization with
host-specific probes was then used to subsequently detect
and identify amplified DNA. Although several other taxa of
wildlife hosts contribute to tick infection rates, our results
confirm that the white-tailed deer (Odocoileus virginianus)
is a reservoir host for several A. americanum-associated
pathogens. Identification of host blood meal frequency and
reservoir competence can help in determining human infec-
tion rates caused by these pathogens.

Zoonotic pathogens, which reside in animal reservoir
species and may at times spill over into human popula-
tions, are emerging at an unprecedented rate (1). Among
these pathogens, several vector-borne pathogens have
garnered considerable attention for the toll they exact on
human health, which a growing body of evidence indi-
cates may be exacerbated by anthropogenic environmental
change (2-4). A rigorous understanding of the transmission
dynamics of pathogens from infected wildlife hosts to vec-
tor organisms is critical to explorations of the ecology of
vector-borne diseases.

Among the most rapidly emerging vector-borne
zoonotic pathogens in the United States are several that
are transmitted by the lone star tick (Amblyomma america-
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num). These pathogens include Ehrlichia chaffeensis and
E. ewingii, both agents of human ehrlichiosis, and Borre-
lia lonestari, a potential agent of southern tick—associated
rash illness (5). Ticks generally acquire pathogens by 2
primary modes of transmission: vertical (i.e., transovarial)
transmission, whereby the pathogen is acquired maternally
during development of the egg, and horizontally, whereby
the pathogen is acquired through a blood meal on a reser-
voir-competent and infectious animal host. Recent research
suggests that E. chaffeensis and E. ewingii are acquired
horizontally (6,7); B. lonestari is likely transmitted hori-
zontally and vertically (8). Several lines of evidence sug-
gest that white-tailed deer (Odocoileus virginianus) are a
major reservoir host for all 3 pathogens (9). Nonetheless,
several other species have also been implicated as potential
reservoirs, and our understanding of their relative roles in
disease transmission remains incomplete.

Efforts to identify reservoir hosts for vector-borne
zoonotic pathogens have historically been labor-intensive
exercises, often requiring the capture of potential wildlife
hosts, experimental infection with the pathogen of interest,
and a subsequent examination of the efficiency with which
these hosts pass the infectious agent to vector organisms
under controlled conditions (10). However, such laborato-
ry-based estimates may fail to capture the true distribution
of host reservoir competencies because of unknown con-
sequences of host selection behavior by vector organisms
or the unmeasured contributions of cryptic reservoir hosts
(11). An efficient solution has emerged in the form of host
blood meal identification by molecular methods.

Because of the challenges posed by the duration of tick
life cycles and host-seeking behavior, the feasibility of host
blood meal identification in ticks was only recently estab-
lished (12). Research efforts have converged upon a 2-step
process: PCR amplification of and labeling with biotin any
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remnant vertebrate DNA isolated from a tick, and reverse
line blot (RLB) hybridization whereby host-specific oli-
gonucleotide probes are used to detect the biotin-labeled
amplified host DNA. Several researchers have successfully
used this technology to identify the reservoir hosts for nu-
merous pathogens transmitted by Ixodes ricinus, a preemi-
nent vector of tick-borne diseases in Europe (13-16). We
describe the development of host-specific probes and the
identification of host blood meals in wild-caught nymphal
life stage A. americanum and present direct estimates of
the reservoir capacity (an estimate of the absolute contribu-
tion of a reservoir host to the prevalence of infection in a
tick population) for white-tailed deer and other reservoir
hosts for the emerging A. americanum-—associated zoonotic
pathogens (17).

Materials and Methods

Field Collections

Questing A. americanum ticks were collected from
5 conservation areas and state parks in and surrounding
St. Louis, Missouri, USA, during 2005 and 2007-2008.
Ticks were collected either by dragging a 1-m?> white
cloth along the ground and over vegetation or by using
CO,-baited traps, whereby sublimating dry ice was used
to attract ticks, which then became ensnared on double-
sided carpet tape surrounding the trap. Both methods
have proven effective for sampling nymphal and adult
life stages of A. americanum (18). Captured ticks were
removed and preserved in 70% ethanol for future iden-
tification and molecular analyses. Sampling efforts were
limited to deciduous forested areas, which are the primary
habitats in which A. americanum completes its life cycle
(5). All subsequent analyses were limited to host-seeking
nymphal life stage ticks, which for A. americanum are of-
ten presumed to have taken only 1 prior blood meal in the
larval life stage.

Laboratory Methods

DNA Extraction and Amplification

Nymphal life stage A. americanum were identified un-
der a dissecting microscope before DNA extraction using
the method of Kierans and Durden (19). Ticks were indi-
vidually processed using 1 of 2 methods. All ticks collected
in 2005 and most of those collected in 2007 were processed
using the ammonium hydroxide method described previ-
ously by Pichon et al. (13). The remainder of the 2007
and all of the 2008 ticks were processed using a modified
method described by Hammer et al. (20). The success of
each method of DNA extraction was confirmed by PCR
amplification and agarose gel electrophoresis of tick mito-
chondrial 16S rDNA as described (21,22).
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Bacterial DNA was amplified in a multiplex PCR con-
taining 2 sets of primers. Universal primers 0206 and 0209,
previously described by Pichon et al. (13), were used to
amplify a portion of the 16S rDNA, and primers 23SN2
and 5SCB, described previously by Rijpkema et al. (23),
were used to amplify the 23S—-5S intergenic spacer of the
Borrelia burgdorferi complex. Primers 0209 and 5SCB
were biotin labeled at the 5" end to enable detection of the
amplicons in the RLB assay. Primers were obtained from
IDT (Coralville, IA, USA). Each set of amplification reac-
tions contained at least 1 positive control (10 uL of known
pathogen DNA) and | negative control (10 pL of DNA ex-
traction negative control).

Vertebrate DNA was amplified by PCR using the biotin
labeled primer 0049, described by Pichon et al. 2003 (13),
and primer 0035 (5-TTCTAGAGCTAATACATGCCRA
-3"). These primers amplify a portion of the vertebrate (mam-
mal and reptile) 18S rRNA gene. Primers were obtained
from IDT. As with the bacterial DNA amplifications, at least
1 positive control (DNA from vertebrate tissue) and 1 nega-
tive control (negative DNA extraction control) were included
with each set of PCRs.

Vertebrate Tissue DNA Extraction, Sequencing,

and Probe Design

A small piece of vertebrate tissue, generally liver or
muscle, was frozen on dry ice and then pulverized. The
sample was then prepared using either the ammonium hy-
droxide or Chelex method. The resulting supernatant was
removed to a fresh tube and a dilution of this supernatant
was used in the PCRs.

Primers 0066 and 0067 (13) were used to amplify a
350-400-bp fragment of the vertebrate 18S rRNA gene.
This fragment contains the area amplified by primers 0049
and 0035. Primers were obtained from IDT. PCR products
were purified by using the Wizard SV Gel and PCR Clean-
Up System (Promega Corporation, Madison, WI, USA).
The purified amplicons were double-strand sequenced by
using primers 0066 and 0067 by the Protein and Nucleic
Acid Chemistry Laboratory at Washington University with
ABI Prism Dye Terminator BigDye Premix version 1.1
(Applied Biosystems, Foster City, CA, USA).

MegAlign and EditSeq softwares (DNASTAR, Inc.,
Madison, WI, USA) were used to align and edit sequence
data. The obtained sequences were aligned with 18S se-
quences found in GenBank and areas of variability were
used to design probes.

Reverse Line Blot Hybridization

An RLB assay was used to identify bacterial DNA
amplified from the tick lysates. In the assay, biotin-labeled
PCR products are hybridized against a set of bacteria-spe-
cific probes (Table 1) that have been covalently linked to
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Table 1. Oligonucleotide sequences of bacterial probes used in reverse line blot assay

Probe ID Nucleotide sequence (5' — 3') Target organism (rRNA genes) Reference sequence
Ptg011 AACATGAACATCTAAAAACATAAA Borrelia garinii (23S-5S) *
Ptg012 AACATTTAAAAAATAAATTCAAGG B. afzelii (23S-5S) *
Ptg013 CATTAAAAAAATATAAAAAATAAATTTAAGG B. valaisiana (23S-5S) *
Ptg009 CTTTGACCATATTTTTATCTTCCA B. burgdorferi s.I. (23S—5S) *
Ptg010 AACACCAATATTTAAAAAACATAA B. burgdorferi s.s. (23S-5S) *
Ptg003 CGAACTTCTGGGTCAAGAC B. burgdorferi s.I. (16S) t
Ptg020 AGATAACTACTCTCCGTTTG B. lonestari (16S) AY166715
Ptg022 TCCTAATAGGGGGAGTC Ehrlichia chaffeensis (16S) M73222
Ptg023 CTTTTAACAGAGGGAGTCA E. ewingii (16S) M73227
Ptg024 TCCTAACAGGGGGAGTC E. canis/ovina/muris (16S) AY394465, AY318946,
ABO13009
Ptg007 TGGGGATTTTTTATCTCTGTG Anaplasma phagocytophilum (16S) T
Ptg021 CTACCACTGACGCTGAT Rickettsia rickettsii (16S) DQ150694
Ptg027 CTTCGGAACGCAGTGAC Francisella tularensis + F. philomiragia (16S) 721932, 721933
Ptg026 CTTGGGGAGGACGTTAC F. tularensis subsp. tularensis (16S) 721932
Ptg029 GCCTATRAGTTAATAGCTTGT F. philomiragia (16S) 721933
Ptg028 TCCTGCGATCTTTCTAGA F. endosymbiont of Dv (16S) AF166256
Ptg032 CATCCAGGGAAGTAAGC Arsenophonus spp. (16S) AY265347
Ptg030 GCTACAACTGACACTGATG R. endosymbiont of Dv (16S) AY375427
Ptg031 TACAACTGACGCTAATGC R. amblyommii + Rickettsia sp. (16S) U11012
Ptg035 TCGGAAGATTATCTTTCGG R. amblyommii (16S) U11012

*Designed by Rijpkema et al. 1995 (23).
tDesigned by Pichon et al. 2003 (13).

an activated Biodyne C membrane (Pall, Ann Arbor, MI,
USA) by their 5" amino group. Our method is based on
RLB techniques previously described (13,23).

The probes were applied in lines to an activated mem-
brane using a Miniblotter 45 (Immunetics, Cambridge, MA,
USA). The membrane was stored at 4°C until use. Before
starting the hybridization, the membrane was incubated
in hybridization buffer (0.3 mol/L sodium chloride, 0.02
mol/L sodium phosphate buffer, 0.002 mol/L EDTA, 0.1%
sodium dodecyl sulfate) for 45 min at 42°C. For the hy-
bridization step, the membrane was placed in the Miniblot-
ter with the orientation shifted 90° so that the probe lanes
were aligned perpendicular to the slots. Each slot was filled
with 140 puL of denatured biotinylated PCR products (10
pL PCR products in 140 pL hybridization solution, heated
at 99°C for 10 min, then cooled on ice) and incubated at
42°C for 90 min. The PCR solutions were aspirated off and
the membrane was washed twice with hybridization buf-
fer at room temperature, then twice at 50°C with preheated
buffer. Biotin-labeled PCR products hybridized to probes
were detected using the CDP-Star Universal Detection Kit
(Sigma, St. Louis, MO, USA) and exposure to Blue Ultra
Autorad film (ISC BioExpress, Kaysville, UT, USA).

A second RLB assay using host specific probes was
used to identify vertebrate DNA amplified from the tick
lysates (Table 2). The protocol for the vertebrate RLB was
the same as for the bacterial RLB except the prehybrid-
ization wash, hybridization and high stringency wash steps
were all conducted at 62°C.

Tick Identification

To confirm correct identification of A. americanum
nymphs used in our study, we selected 4 tick samples for
which we amplified and then double-strand sequenced a
portion of the tick 16S rRNA gene. The 16S+1 and 16S-2
primers described in Black and Piesman (21) were used for
PCR amplification and sequencing.

Statistical Analyses

All statistics were calculated using Poptools version
3.0 in Microsoft Excel (Microsoft, Redmond, WA, USA)
(24). We used y* tests with the Yates continuity correction
to analyze patterns of pathogen co-infection and the distri-
butions of blood meals among hosts. We estimated 95%
confidence intervals for our estimates of reservoir capacity
based upon identifiable blood meals using the Wilson score
method without continuity correction.

Results

Pathogen Detection

Three of the most widely reported pathogens associ-
ated with A. americanum (E. chaffeensis, E. ewingii, and
B. lonestari) were detected among collections from >3 of
5 study sites (i.e., each pathogen was detected from ticks
collected at >3 locations). Of the 1,383 nymphal life stage
A. americanum ticks tested, 19 (1.4%) contained E. chaf-
feensis, 31 (2.2%) contained E. ewingii, and 18 (1.3%)
contained B. lonestari. No co-infections with >1 pathogen
were detected in any tick. However, y* analyses for each
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Table 2. Oligonucleotide sequences of vertebrate probes used in reverse line blot assay*

Probe ID Probe name Nucleotide sequence (5' — 3') Reference sequence
PRNAO010 Aves CCGACCTCCGGGGACGC *
PRNAO012 Passeriformes GGGCCCGCCCGGCAGCT *
PRNAO029 Galliformes GGGCTCGCCCGGCGGCT *
PRNA042  Squamata/testudines CGCTGACCTCCGGGGATGC Sceloporus undulatus (M36359, M59400), Crotaphytus
collaris collarist (FJ797666), Trachemys scriptat
(FJ797668), Scincella lateralis (AY217908), Eumeces
fasciatus (AY217920), Elaphe obsoletat (FJ797667),
Heterodon platirhinos (M59392)
PRNA043 Amphibia CGCTGACCCCCAGGGATGC  Rana amurensis (AF542043), R. chensinensis (AY145522),
Xenopus laevis (X04025)
PRNA045 Ruminantia GGTCAGCCTCCTCCCGGC Odocoileus virginianust (FJ797665), Capreolus capreolus L
(AY150545), Cervus elaphus L (AY150547), Bos taurus
(AY779625)
PRNAO018 Leporidae CGGGGGGGTGGGCGCCG *
PRNA047 Leporidae/carnivore GGTCAGCCTCCCCCCGGC Sylvilagus floridanus (FJ797663), Procyon lotort
(FJ797659), Felis catus L (AY150542),
PRNAO046 Canidae GGTCAGCCTCCCTCCGGC Canis latranst (FJ797662), Canis lupus familiarist
(FJ797658), C. lupus familiaris (DQ287955), Vulpes vulpes
(AY150549)
PRNAO026 Sciurus CGGTCAGCTTCCCCCCGG *
PRNAO037 Blarina AGCCTCCCCTCGGCTCCG Blarina sp.t (FJ797661)
PRNAO30 Erinaceus CTCCCTCCGGCTCCGGC *
PRNAO017 Myodes 1 GAGCTCCCCCGCGGCCC *
PRNAO050 Myodes 2 CGACGGGCGCCGACCcCC Myodes glareolus (AY150543)
PRNAO11 Murinae/gerbilinae CCCTCCCGGCTCCGGCCG *
PRNAO034 Rattus CGGTCAGCCCCCTCCCGG Rattus norvegicus (X01117)
PRNAO033 Mus CCGGTGAGCTCCCTCCCGG Mus musculus (X00686)
PRNAO035 Sigmodontinae TCAGCTCCCTCCCGGCCCC Peromyscus sp.T (FJ797660), Peromyscus leucopus
(AY591913)
PRNAO032 Didelphis CGGCGGCTTCCCCCTAACC Didelphis virginiana (J311677)
PRNAO048 Mephitis GGTCAGCCTCTCCCCGGC Mephitis mephitist (FJ797664)

*Designed by Pichon et al. 2003 (13).
TSequence obtained in this study.

pair of pathogens indicated that this outcome did not differ
from random chance (E. chaffeensis and E. ewingii: > =
0.013, df = 1, p = 0.908; E. ewingii and B. lonestari: y*> =
0.024, df =1, p = 0.877; B. lonestari and E. chaffeensis: y
=0.359,df=1, p =0.549).

Host Probes

DNA from 13 vertebrate species (for which sequences
of 18S rDNA were not available in the GenBank database)
were purified and subsequently amplified for sequencing.
The amplicons were double-strand sequenced and these
sequences together with those available in the GenBank
database were aligned to generate vertebrate host probes
(Table 2). Eventually, 20 host probes were established, and
34 vertebrate species that were identified from the literature
as potentially important hosts were correctly identified to
the matching host probe, with 1 exception (Tamias striatus
reacted with Canidae probe) (Table 3).

Detection of Host DNA

Purified lysates from all 1,383 nymphal life stage A.
americanum screened for pathogenic microbes in the previ-
ous analyses were also subjected to host blood meal iden-
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tification. Remnant host DNA from 869 (62.8%) of these
ticks hybridized with 10 of the 20 host probes used (Table
4). Of these samples, 389 (44.8%) hybridized to the Rumi-
nantia probe, which for wildlife hosts in the St. Louis, Mis-
souri, region is likely limited to white-tailed deer (Table
3). The remaining blood meals were distributed across a
variety of taxa. DNA from more than 1 host was detected
in 141 nymphal life-stage ticks (Table 4).

Of the 68 A. americanum nymphs containing patho-
genic bacteria, 47 (69.1%) contained identifiable vertebrate
DNA (i.e., that hybridized with >1 host probe; Table 5). Of
the 15 E. chaffeensis—positive samples that contained identi-
fiable vertebrate DNA, 8 hybridized only with the Ruminan-
tia probe, and 4 others hybridized with the Ruminantia probe
plus >1 additional probes; thus 12 of 15 identifiable samples
hybridized with the Ruminantia probe. The other identifi-
able E. chaffeensis—positive samples hybridized either with
the Sciurus (n = 2) or the Leporidae (n = 1) probes. For the
23 identifiable E. ewingii—positive samples, 12 contained
DNA that hybridized only with the Ruminantia probe, 3 that
hybridized only with the Sciurus probe, and 1 that hybrid-
ized only with the Leporidae probe. All 6 of the identifiable
mixed blood meal DNAs hybridized with >2 of these 3 host
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Table 3. Hybridization by host DNA to vertebrate reverse line blot probes

Probe ID Probe name Vertebrate DNA hybridized

PRNAO10 Aves Turdus migratorius, Meleagris gallopavo, Gallus gallus, Chen caerulescens
PRNAO012 Passeriformes T. migratorius

PRNA029 Galliformes M. gallopavo, G. gallus, C. caerulescens

PRNA042 Squamata/testudines Crotophytus collaris, Elaphe obsoleta, Trachemys scripta elegans
PRNA043 Amphibia Rana clamitans

PRNA045 Ruminantia Odocoileus virginianus, Cervus elephus, Bos taurus, Sus scrofa domestica
PRNAO018 Leporidae Sylvilagus floridanus, Sus scrofa domestica

PRNA047 Leporidae/carnivora S. floridanus, Felis catus, Procyon lotor

PRNA046 Canidae Canis lupus familiaris, C. latrans, Vulpes vulpes, Tamias striatus*
PRNA026 Sciurus Sciurus carolinensis, Sciurus niger, S. griseus, Marmota monax
PRNAO037 Blarina Blarina brevicauda, Sorex vagrans

PRNAO030 Erinaceus No hybridization with any vertebrate DNA tested
PRNAO017 Myodes 1 Myodes gapperi

PRNAO50 Myodes 2 M. gapperi, Microtus californicus

PRNAO11 Murinae/gerbilinae Rattus norvegicus, Mus musculus, Zapus hudsonius
PRNA034 Rattus Rattus norvegicus

PRNA033 Mus M. musculus

PRNAO035 Sigmodontinae Peromyscus spp., Neotoma fuscipes

PRNA032 Didelphis Didelphis virginiana

PRNA048 Mephitis Mephitis mephitis

*The reaction was confirmed by using 2 tissue samples. The PCR amplicon was sequenced and matches the Canidae probe.

probes. The remaining identifiable E. ewingii—positive sam-
ple hybridized only with the Passeriformes probe. For the 9
identifiable B. lonestari—positive samples, 4 hybridized with
the Ruminantia probe, 1 hybridized with the Sciurus probe,
1 hybridized with the Passeriformes probe, and 1 hybridized
with the Squamata/Testudines probe (which is expected to
detect DNA from lizards, snakes, and turtles).

Because there is evidence that B. lonestari can be
transovarially transmitted (8), it is crucial to test whether
the associations between host blood meals and pathogen
infections differ from a distribution expected by random
chance alone. The frequency of association between B.
lonestari infection and the Ruminantia probe (x> = 0.033,
df =1, p = 0.855), the Sciurus probe (> =0.217,df=1, p
= 0.641), the Passeriformes probe (y*> = 0.209, df =1, p =
0.647), and the Squamata/Testudines probe (%> = 0.639, df
=1, p = 0.424) did not differ from a distribution expected
by random chance. Owing to the detection of host blood

meals in pathogen-positive and pathogen-negative ticks,
we were able to generate estimates of reservoir capacity
(calculated as the proportion of blood meals from a given
host that result in an infection for a given pathogen and
includes the end products of tick feeding and molting suc-
cess) for each taxonomic grouping of reservoir host and
pathogen species (Table 6).

Tick Identification

Two of the tick samples analyzed contained DNA
that reacted with the Squamata/Testudines probe, 1 of
which was also positive for B. lonestari, and 2 samples
contained DNA that reacted with the Passeriformes probe,
1 of which was also positive for E. ewingii. The sequences
obtained from the 4 ticks were identical except for an ex-
tra basepair in 2 of the sequences. The sequences were
compared with 16S sequences of other potential tick spe-
cies in Genbank and had 98%-100% homology with A.

Table 4. Identification of host DNA in questing Amblyomma americanum nymphs, Missouri, USA, 2005 and 2007-2008

Host data 2005 2007 2008 All

No. nymphs analyzed (no. hosts identified) 75 (33) 489 (240) 819 (596) 1,383 (869)

No. (%) nymphs per identified host
Ruminantia 5(15.2) 147 (61.3) 237 (39.8) 389 (44.8)
Galliformes 4(12.1) 16 (6.7) 77 (12.9) 97 (11.2)
Passeriformes 1(3.0) 17 (7.1) 76 (12.8) 94 (10.8)
Sciurus 17 (51.5) 13 (5.4) 65 (10.9) 95 (10.9)
Leporidae 3(9.1) 3(1.3) 15 (2.5) 21 (2.4)
Squamata/testudines 0 15 (6.3) 3(0.5) 18 (2.1)
Canidae 0 1(0.4) 7(1.1) 8(0.9)
Leporidae/carnivora 0 0 3(0.5) 3(0.3)
Sigmodontinae 1(3.0) 1(0.4) 1(0.2) 3(0.3)
Mixed 2(6.1) 27 (11.3) 112 (18.8) 141 (16.2)
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Table 5. Blood meal source in pathogen-positive Amblyomma
americanum nymphs, Missouri, USA, 2005 and 2007-2008

No. A. americanum nymphs infected

Ehrlichia Borrelia
Host chaffeen